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1. Introduction

Plant–soil interactions play an important role in the structure and function of plant communities
and thus in the functioning of ecosystems. Soil properties represent a strong selection pressure
for plant diversity and influence the structure of plant communities and participate in the
generation and maintenance of biodiversity. Plant communities grow by modifying the physical,
chemical, and biological properties of soil, with consequent effects on survival and growth of
plants. This process—called plant–soil feedback—plays a key role in water and nutrient availability
and the dynamic of soil-borne microbial pathogens, parasite populations, and root herbivores,
by globally impacting the vegetation succession and net primary productivity. Plant–soil feedbacks can,
however, present contrasting effects on plant community assemblage and ecosystem development [1].

Plant–soil interactions include many biophysical and chemical processes combined with spatial
and temporal variations and represent an ecological complexity that still needs to be unraveled.
The challenge is to improve knowledge on the role of plant–soil interactions in the plant community
structure and functions and their consequences in ecosystem functioning. Functional trait approaches
enhance ecological process understanding by characterizing the mechanisms that govern interactions
between plants and their environments, and, particularly in this Special Issue, soil–plant interactions [2].
This “plant–soil interactions” Special Issue addresses both soil factor effects on plant communities and
the role of ecological complementarity and species diversity of plant communities in soil properties
and ecosystem services.

Soil factor effects on plant community structure are addressed by highlighting plant trait
selection by degraded habitats in ultramafic soils for mine reclamation [3], by specifying the effect of
microorganism supply (AMF, Frankia and Rhizophagus fasciculatus) on plant community structures and
ecological restoration [4], and by reviewing the role of Arbuscular Mycorrhizal Fungi (AMF) to cope
with biotic and abiotic stresses and improve plant growth [5]. In addition, a distinct composition of
plant-associated core bacterial communities independent of land use intensity is identified [6].

The role of ecological complementarity and species diversity of plant communities in soil properties
and ecosystem services is addressed in this Special Issue. Ecological complementarity is demonstrated
by the integration of legumes in nitrogen deficiency monospecific tropical grass pasture increasing
biomass productivity and N uptake [7].

The non-additive effect of functional diversity (FD) is demonstrated on several soil processes
and ecosystem services. The non-additive effect of FD on the hydraulic resistance and thus soil
sedimentation is shown and can be explained by the presence of species presenting large stems in
the communities with high functional diversity [8]. The effect of plant traits on hydraulic resistance
and soil sedimentation process is driven by the community-weighted leaf density and not by the
functional diversity of leaf and stem traits at the community level [8]. In another ecological process,
species diversity does not show a positive effect on the abundance of fungal pathogens. White mustard
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is the only cover crop species associated with the decrease in necrotic root damage and abundance of
fungal pathogens in vineyards [9].

This plant–soil interactions Special Issue brings new empirical results and some advances in order
to try to unravel the complexity of plant–soil interactions and their role in plant community structure
and function.

Funding: This research received no external funding.

Conflicts of Interest: The author declares no conflict of interest.
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Abstract: Biodiversity-rich tropical ultramafic areas are currently being impacted by land clearing and
particularly by mine activities. The reclamation of ultramafic degraded areas requires a knowledge
of pioneer plant species. The objective of this study is to highlight the functional traits of plants
that colonize ultramafic areas after disturbance by fire or mining activities. This information will
allow trait-assisted selection of candidate species for reclamation. Fifteen plots were established
on ultramafic soils in Sabah (Borneo, Malaysia) disturbed by recurrent fires (FIRE plots) or by soil
excavation and quarrying (MINE plots). In each plot, soil samples were collected and plant cover
as well as species abundances were estimated. Fifteen functional traits related to revegetation,
nutrient improvement, or Ni phytomining were measured in sampled plants. Vegetation of both
FIRE and MINE plots was dominated by perennials with lateral spreading capacity (mainly by
rhizomes). Plant communities displayed a conservative growth strategy, which is an adaptation to
low nutrient availability on ultramafic soils. Plant height was higher in FIRE than in MINE plots,
whereas the number of stems per plant was higher in MINE plots. Perennial plants with lateral
spreading capacity and a conservative growth strategy would be the first choice for the reclamation of
ultramafic degraded areas. Additional notes for increasing nutrient cycling, managing competition,
and implementing of Ni-phytomining are also provided.

Keywords: community weighted means; functional traits; soil reclamation; technosols; ultramafic

1. Introduction

Ultramafic soils are ecological or ‘edaphic islands’ due to their patchy distribution and contrasting
soil conditions with respect to surrounding ‘normal’ soils [1,2]. Several extreme soil factors including
macronutrient deficiency (N, P, K, Ca), Mg toxicity resulting in extremely low Ca:Mg molar ratio,
and highly plant-available trace elements (Ni, Cr, Co) make ultramafic areas a stressful environment
for plant establishment and growth [3,4]. The extreme edaphic conditions and isolated island-like
distribution of ultramafic soils has led to the origin of numerous strict ultramafic endemic plant species,
particularly in tropical regions, such as Cuba, New Caledonia, and Southeast Asia [5–7]. Ultramafic
areas in Sabah (North of Borneo, Malaysia) support a rich flora with more than 4500 species described
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to date and a very high proportion of strict endemics [8]. Besides its taxonomic and evolutionary
interest [9], ultramafic flora is a remarkable biological resource for eco-technological applications,
especially phytoremediation of contaminated soils [10].

Ultramafic areas have been extensively mined for the recovery of different metals such as Ni (Ni
sulphide deposits and Ni laterites) and Cr (chromite) [11]. As the few high-grade Ni sulphide deposits
have become depleted, mining for Ni has shifted focus to Ni laterite deposits in tropical areas including
Australia, Cuba, New Caledonia, Brazil, and Indonesia [12]. In comparison to localized open pit
mining of Ni sulphide, Ni laterite mining is highly destructive to ecosystems since it involves complete
removal of vegetation and topsoil over a large area (strip mining) to access the Ni-rich saprolite below
and some of the laterite [11,13]. Removal of the topsoil limits nutrient and water buffering capacity
vital to the development of vegetation [11,14]. Logging and land clearing (mainly using fire) is another
threat to ultramafic ecosystems, especially in Southeast Asia [7,15,16]. Logging and wildfires are less
destructive than mining because they affect primarily the vegetation, leaving the soil more or less
intact. However, after fires significant soil erosion and loss of carbon and some nutrients may occur.
Tropical forest ecosystems may take more than a decade to fully recover after logging, whereas for
mined areas it may take up to 250 years as the soil regenerates [17,18].

Pioneer plant communities on disturbed areas are derived from the local species pool and the
effect of environmental filters (either stringent soil conditions or biotic interactions) [19]. It has been
shown that experimental plant communities with different species composition subjected to similar
environmental conditions experience a convergence in plant traits [20]. That is, successful plant species
are those possessing the best traits that convey tolerance to the specific environmental stressors.

Plant functional traits are morpho-physio-phenological traits which affect fitness indirectly via
their effects on growth, reproduction, and survival [19,21]. Trait-based ecology associated with trait
data measured across many individuals and species can be used to predict emergent properties of
communities and ecosystems. The functional trait approach allows for the characterization of plant
responses to the environment [22] and their effects on ecosystem function and services such as nutrient
availability or soil carbon storage [23,24].

Thus, the study of functional traits of plant communities that spontaneously colonize disturbed
ultramafic areas may provide information for trait-assisted selection of candidate species for reclamation
of tropical ultramafic degraded areas. An additional benefit of a functional approach is that the obtained
information on traits can be transferred to other sites with similar environmental conditions, without
the local/regional species pool limits that affect floristic approaches [25]. This approach has been
previously applied to the revegetation of copper-cobalt mine areas [25], to the restoration of quarries [26],
or to predict the colonization of post-mining sites during spontaneous revegetation [27]. Moreover,
the combination of plant species with complementary traits has shown benefits for the phytoremediation
of polluted soils and the restoration of mine tailings [28,29].

In order to examine the effects of disturbance severity on resulting vegetation type on tropical
ultramafic areas, we studied the soil properties and plant communities of areas that experienced
moderate disturbance (wildfire; FIRE) and severe disturbance (mining; MINE). Community weighted
mean (CWM) represents the most probable value for a certain trait in a plant randomly sampled
from a community [19]. Different studies based on CWMs have found changes in functional traits in
relation to environmental factors, either on Mediterranean abandoned vineyards [21] or in tropical
dry and tropical wet forests [30]. Here, CWMs were calculated to characterize functional response of
communities according to type of habitat degradation and soil factors, and compared to the functional
traits of general vegetation [31] and vegetation from non-disturbed ultramafic areas from Sabah [32].

Study goals included: (i) to examine how the type of disturbance (wildfire and mining) affects soil
parameters and CWM of traits of pioneer plant communities on ultramafic soils, and (ii) to identify
important traits for the trait-assisted selection of plant species for the reclamation of tropical degraded
ultramafic areas.
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2. Materials and Methods

2.1. Study Area

Ultramafic soils in Sabah (north of Borneo, Malaysia) cover around 3500 km2 [33], with the
more extensive ultramafic outcrops found around Mount Kinabalu, Morou Porou, Bidu-Bidu Hills,
Meliau Range, Mount Tawai, and Mount Silam [8]. Our research sites were located on three ultramafic
degraded areas southeast of Mount Kinabalu, including Garas-Lompoyou hill chain, Bukit Hampuan
Forest Reserve, and Paliu area. These areas contain sites degraded by wildfire (FIRE) or quarrying
(MINE) (Figure 1). Fires in Sabah are linked to El Niño Southern Oscillation (ENSO) drought events and
affect mainly logged forest, which are more prone to fire than undisturbed forests [34]. Most of the FIRE
sites were logged forests affected by severe fires which affected Sabah during the 1997/98 ENSO. MINE
sites are the result of quarrying serpentinite bedrock for road base aggregate (abandoned in 1999) or
rocky dumpsites (downhill sidecast) created during road construction in 2010. The four plots in Bukit
Hampuan FR were in the vicinity of primary cloud forest on ultramafic substrate, whereas the plots in
Garas-Lompoyou and Paliu were in a mosaic landscape composed by cultivated land and secondary
vegetation in different degrees of succession (from fern-dominated areas to secondary forests).

Figure 1. Overview of the studied area. (a) Position of sampling sites (marked as red circles). Main
cities in the region are marked (with squares) for reference. Dark grey areas indicate Natural Parks.
Position of the sampling area (red rectangle) in the context of South-East Asia is presented in the
top-left insert. (b) General view of the vegetation in a FIRE plot. (c) General view of the vegetation in a
MINE plot.

The climate of Sabah is tropical (Köppen climate Af). The mean annual temperature is 23 ◦C with
low variation (less than 3 ◦C) throughout the year. Annual rainfall is around 2500 mm with relatively
even rainfall throughout the year. Two notably less humid periods occur in February and August
(see [35,36] and Malaysian meteorological department).
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2.2. Plant and Soil Sampling

During July 2016, 15 circular non-permanent plots of 10 m radius were established on
serpentinite-derived soils affected by soil excavation (MINE sites, eight plots) or by logging and
wildfires (FIRE sites, seven plots). FIRE plots were in steep slopes (average 44%), whereas MINE
plots were more flat (average slope 12%). Most of the plots had a south aspect. Plots in Paliu and
Garas-Lompoyou area were in altitudes from 336 to 464 m asl, whereas the plots in Bukit Hampuan
FR were around 1200 m asl. Soils in MINE sites were Spolic Technosols, whereas in FIRE sites soils
were Cambic Leptosols [37,38]. In each plot, three radial transects separated by 120◦ were randomly
established using a table of random numbers and a compass. In FIRE plots plant cover was estimated
by line-intercept method, whereas in MINE plots vegetation cover was estimated by point-intercept
method (one pin each 25 cm). This difference in methods was caused by the difference of vegetation
height that made the use of the point-intercept method in FIRE plots not feasible. Both methods
allowed the determination of percentage of cover for each species, as well as the percentage of bare soil.

In order to describe soil conditions, one representative soil sample (0–10 cm) was collected from
the middle point of each transect (i.e., three soil samples per plot).

2.3. Soil Analyses

Fresh soil samples were sieved upon sampling and the >5 mm fraction was kept in plastic ziplock
bags and stored for 8–10 weeks at 4 ◦C until analyses. The activity of four soil enzymes linked to
the cycles of phosphorus (alkaline phosphatase), sulphur (arylsulphatase), carbon (β-glucosidase),
and nitrogen (urease), and the hydrolysis of fluorescein diacetate (FDA, considered a proxy for the
hydrolytic activity of the soil) were determined in fresh soil subsamples [39,40].

Soil enzyme activities were determined using colorimetric methods as indicated in [41]. The values
of soil enzyme activities were expressed on an oven-dried soil basis.

Soil subsamples were air-dried and sieved at 2 mm. Water retention data were determined on a
pressure plate apparatus for two water potentials (−10 and −15,800 kPa) [42]. Available water storage
(AWS; g 100 g−1), i.e., water disposable for plant growth was calculated by the following equation:
AWS = (Wfc −Wwp), (1), where Wfc is the water content at field capacity (water potential: −10 kPa)
(g 100 g−1) and Wwp is the water content at permanent wilting point (water potential: −15,800 kPa)
(g 100 g−1).

Soil pH was measured in H2O using a 1:5 (v/v) ratio. Cation exchange capacity (CEC) was
determined colorimetrically after treatment of the soil with a solution of cobaltihexamine trichloride
0.05 N [43]. The filtered soil:cobaltihexamine extracts were analyzed by means of Inductively Coupled
Plasma-Atomic Emission Spectrometry (ICP-AES, Liberty II, Varian Inc, Australia) to determine the soil
exchangeable concentrations of Ca+2, Mg+2, and K+. Soil available phosphorus (Olsen-P) was extracted
with a solution of NaHCO3 and quantified by reaction with ascorbic acid [44]. Soil nickel availability
was evaluated after extraction with DTPA-TEA at pH 7.3, 1:2 w/v, 2 h shaking) [45]. Soil subsamples
were ground in a ceramic mortar. Total soil C and N was estimated by combustion in a CHNS analyzer
(Vario Micro Cube, Elementar, Germany). Dry ground soil subsamples (0.5 g) were digested in 2 mL of
concentrated HNO3 and 6 mL of concentrated HCl on a hot plate at 105 ◦C. Final solutions were filtered
(0.45 μm DigiFILTER, SCP science, Canada) and diluted to 50 mL with deionized water. Pseudo-total
soil concentrations of Co, Cr, Mn, Ni, P, and S were estimated by ICP-AES (Liberty II, Varian).

2.4. Plant Analyses

Individuals from each species identified in each plot were sampled for the determination of
15 functional traits related to plant persistence, nutrient management, and tolerance to ultramafic
soils. We chose these traits because of their interest in different aspects of reclamation of disturbed
ultramafic areas: revegetation, limitation of erosion, implementation of phytomining, and soil nutrient
improvement. Besides usual functional traits (such as specific leaf area—SLA), we included six elemental
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concentration traits important to explain plant response to the particular conditions of ultramafic soils:
Ni hyperaccumulation (Ni > 1000 μg g−1); leaf tissue elemental concentrations of K, Ca, Mg, and Mn;
and the Ca:Mg molar ratio of leaves (Table 1). Whole-plant traits (such as lateral spreading capacity
or plant height) were assessed directly on the field in at least three plants per species. One plant per
species was excavated to estimate rooting depth. Moreover, branches or shoots of 1–3 plants per species
were collected, kept in sealed plastic bags, and transported to Monggis Substation (Kinabalu Park),
where they were processed the day of the sampling. One healthy leaf per plant was selected and
put below a glass layer and photographed with a digital camera. The camera was placed in a fixed
support to guarantee its orthogonal position with respect to leaves. In some cases, the leaf was cut in
several fragments to ensure the correct estimation of leaf area. All leaf photographs included a ruler to
allow the estimation of leaf area. Leaf area was obtained from the digital photographs using ImageJ
software [46]. After photographing, each leaf was cleaned with tap water, rinsed with deionized water,
and put in a paper envelope. Leaf samples were kept in an oven (60 ◦C) for several weeks and dry leaf
mass was obtained. Specific leaf area (SLA) was calculated as the ratio between leaf area and dry leaf
mass, including petiole [47]. After dry weight was recorded, dry leaves were finely ground using a
ball mill. Subsamples (0.5 g) of dry and ground tissue were digested at 95 ◦C in 2.5 mL of concentrated
HNO3 and 5 mL of H2O2 (30%). The final solutions were filtered (0.45 μm DigiFILTER) and diluted to
25 mL with deionized water. Leaf P, K, Ca, Mg, Mn, and Ni concentrations were measured by ICP-AES
(Liberty II, Varian). Leaf C and N were quantified in dry ground leaves using a CHNS analyzer (Vario
Micro Cube, Elementar, Germany).

2.5. Data Analysis

The soil dataset, including soil pH, soil water retention capacity (AWS, Wfc, Wwp), P-Olsen,
total soil C and N, soil CEC, soil plant-available (exchangeable) Ca, K, and Mg, Ca:Mg molar ratio,
DTPA-extractable Ni, pseudototal concentrations of P, S, Mn, Ni, Cr, and Co, and enzyme activities
was analyzed using principal component analysis (PCA). PCA was based on a correlation matrix in
order to account for differences in metrics among variables and no further standardization was applied.
Differences in soil variables between type of degraded sites (FIRE vs. MINE) were further assessed
by nested ANOVA analyses, with factors ‘Type’ and ‘Site’ nested within ‘Type’. Plant species cover
in each plot was used to compute Shannon’s H diversity index. Differences in plant communities
between FIRE and MINE sites were further assessed by non-metric multidimensional scaling (NMDS)
using Bray–Curtis distances (hereafter referred as taxonomic NMDS), and constraining solution to only
two dimensions. Shannon’s index and NMDS were computed with functions diversity and metaMDS
from the package vegan (ver 2.5-1) for R (ver. 3.4.4) [48].

A community weighted mean (CWM) was computed for each functional trait and for each plot
applying the following formula: CWM = Σ (pi × traiti), (2), where pi is the relative contribution of
species i to the total plant cover of the community and traiti is the trait value of species i [21]. In the
case of binary variables CWM indicates the frequency of the presence of a trait. In the case of ordinal
variables, we kept the most common value in each plot. CWM has shown to be a reliable parameter
that is not affected by differences in methods for the estimation of plant relative abundance or the trait
values [49]. CWMs were computed using the functions functcomp from the package FD (ver 1.0-12)
for R [50].

The CWM data on the 15 studied plots were used to perform a second NMDS analysis (hereafter
referred as functional NMDS) using Gower distance with the function metaMDS from vegan package [48].
Solution was constrained to only two dimensions. Environmental factors (soil parameters, altitude,
slope, aspect, time since disturbance) were fitted as vectors onto the taxonomic and functional
NMDS ordinations using the function envfit from the package vegan [48]. The correlation of the
environmental vectors with the NMDS ordination and the p-value of that correlation were estimated
by 1000 permutations. Only the environmental factors with p-values < 0.05 were plotted onto the
NMDS graphs.
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Differences in taxonomic diversity (Shannon’s Index) between MINE and FIRE sites were compared
by one-way ANOVAs. Non-parametrical Mann–Whitney U tests were applied to compare CWM of
binary and ordinal traits between MINE and FIRE plots, whereas one-way ANOVAs were used for
the comparison of CWM of quantitative traits. When necessary, data were log-transformed to meet
ANOVA assumptions. PCA, ANOVAs, and Mann–Whitney U tests were computed using SPSS (v. 15,
SPSS Inc., Chicago, IL, USA).

Table 1. List of the plant functional traits assessed in the sampled species. For each trait we include
the unit, the categories (for traits coded as binary or as ordinal variables), the associated ecological
functions, and the interests for reclamation of degraded ultramafic habitats.

Trait Units Categories/Domain
Associated Ecological

Functions
Interest for

Reclamation

Life cycle Unitless (0) annual
(1) perennial

Response to disturbance and
soil resources,

competitive strength

Revegetation
and/or limitation

of erosion

Lateral spreading capacity Unitless (0) absence
(1) presence Competitive strength

Depth of root system In cm
(1) 0–10

(2) 10–30
(3) >30

Response to disturbance and
soil resources,

competitive strength

Plant height In m

(1) 0–0.11
(2) 0.11–0.29
(3) 0.30–0.59
(4) 0.60–0.99

(5) 1–3
(6) >3 m

Response to disturbance and
soil resources,

competitive strength

Density of stems Number of stems
in 1 dm2

(1) 1–10
(2) 10–30
(3) >30)

Competitive strength

Specific leaf area (SLA) mm2 mg−1 Positive decimal
value

Response to soil resources,
plant defense

N2 fixation Unitless (0) absence
(1), presence

Response to soil resources,
nutrient strategy

Soil nutrient
improvement

Leaf N concentration (LNC) mg g−1 Positive decimal
value

Response to soil resources,
influence in nutrient cycling

Leaf P concentration (LPC) mg g−1 Positive decimal
value

Response to soil resources,
influence in nutrient cycling

Leaf concentrations of Ca,
Mg, K and Mn mg g−1 Positive decimal

value
Nutrient strategy/response

to ultramafic conditions

Leaf Ca/Mg ratio Unitless Positive decimal
value

Nutrient strategy/response
to ultramafic conditions

Ni hyperaccumulation Unitless (0) absence
(1) presence

Response to
ultramafic conditions Phytomining

3. Results

3.1. Soil Parameters

Observed values of soil variables are typical for ultramafic soils with pH around 7 (neutral);
Ca:Mg molar ratio <1; low concentrations of important nutrients (e.g., P-Olsen concentrations lower
than 3 mg kg−1); high pseudototal concentrations of Ni, Cr, and Co (mean values around 2400, 3500,
and 275 mg kg−1, respectively) (Table 2). CEC is high to very high (mean values from 15 to 30 cmol+kg−1,
Table 2), and Mg is the dominant cation on the exchange complex.
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Table 2. Comparison of soil variables between MINE and FIRE sites. Second and third columns
present average values (±SD) for each variable and type of disturbed site. The last column indicates the
p-values for each comparison. P-values higher than 0.05 are considered non-significant.

Soil Variable
Type of Disturbed Site

p-Value
MINE FIRE

pH H2O 7.89 (±0.59) 6.64 (±0.52) <0.001

Soil water retention (g H2O 100 g−1 soil)

Wfc 26.2 (±9.4) 46.6 (±13.4) 0.008

Wwp 12.0 (±5.8) 32.6 (±12.8) 0.002

AWS 14.2 (±4.5) 14.0 (±5.5) 0.832

C and N (mass %)

Total C 1.13 (±1.82) 6.62 (±3.09) <0.001

Total N 0.05 (±0.04) 0.36 (±0.15) <0.001

C/N ratio 19.1 (±13.8) 18.1 (±3.8) 0.573

Pseudo-total concentrations of major and trace elements (mg kg−1)

P 81.1 (±65.0) 176 (±54) 0.005

S 283 (±479) 263 (±145) 0.121

Co 125 (±62.2) 434 (±172) <0.001

Cr 1275 (±695) 5826 (±2202) <0.001

Mn 1516 (±610) 4421 (±1082) <0.001

Ni 1893 (±679) 2941 (±1082) 0.036

DTPA-extractable Ni (mg kg−1) 18.9 (±17.4) 155 (±62) <0.001

P-Olsen (mg kg−1) 0.59 (±0.47) 2.83 (±1.85) <0.001

CEC and exchangeable cations (cmol+ kg−1)

CEC 15.9 (±10.1) 30.2 (±12.8) 0.024

Ca2+ 2.6 (±2.0) 9.0 (±5.5) 0.02

Mg2+ 10.3 (±6.8) 13.0 (±5.6) 0.319

K+ 0.1 (±0.1) 0.3 (±0.2) 0.004

Ca:Mg 0.4 (±0.3) 0.9 (±0.8) 0.052

Soil microbial activities (μg product g−1h−1)

Urease 2.2 (±2.1) 5.4 (±2.7) 0.002

Arylsulphatase 5.3 (±7.0) 80.2 (±30.7) <0.001

β-glucosidase 48.7 (±13.7) 82.6 (±20.4) 0.001

Alkaline phosphatase 17 (±16) 252 (±177) <0.001

FDA hydrolysis 2.5 (±2.7) 40.0 (±14.5) <0.001

PCA analysis of soil data identified four principal components (PC) which explained 86% of
variance in soil properties. The first PC explained most of the variance (58%). It was negatively
correlated to soil pH and positively correlated to Ni-DTPA and most fertility factors: water retention
parameters (Wfc and Wwp), FDA hydrolysis and enzyme activities, CEC and exchangeable K and
Ca, Olsen-P, and total concentrations of C and N (Figure 2a). Pseudototal concentrations of Co, Cr,
and Mn were positively correlated to PC1 and PC2 (11% of total variance). Exchangeable Mg had a
little contribution to both PCs, whereas pseudototal S concentration was not correlated to any of these
PCs (Figure 2a).
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Figure 2. Principal component analysis (PCA) analysis of soil data. (a) Loadings of soil variables on
principal components (PCs). Pseudototal concentrations of C, Co, Cr, Mn, N, and S are represented
by their chemical symbol; A_P, Alkaline Phosphatase; ARY, Arylsulphatase; B_GLUC, β-glucosidase;
CEC, cation exchange capacity; Ca2+, K+, Mg2+, exchangeable concentrations of Ca, K, and Mg; FDA,
hydrolysis of Fluorescein Diacetate; NiDPTA, available Ni; URE, Urease; Wfc, water at field capacity;
Wwp: water at wilting point. (b) Scatterplot of soil samples (one point is the centroid of three samples
per site, lines connect centroids with the position of each sample) on the two first PCs. Empty dots,
MINE sites; black dots, FIRE sites. Codes indicate site: BH, Bukit Hampuan FR; G, Garas; L, Lompoyou;
P, Paliu.

Projection of soil samples on first two PCs show a clear separation between FIRE and MINE
plots. MINE plots are placed in a dense swarm on negative values for PC1 and ranging from −1
to 0.5 in PC2. FIRE samples had positive values in PC1 and were dispersed along PC2, from −1 to
3 (Figure 2b). Therefore, MINE plots had soils with higher pH and lower fertility than FIRE plots.
However, the concentrations of trace elements were higher on FIRE than on MINE sites. Nested
ANOVAs confirmed the inferences from PCA. For most of the analyzed variables, there were significant
differences between site types (Table 2). It is remarkable that FIRE soils had better water retention
properties (i.e., higher Wfc and Wwp) than MINE soils, but the available water storage (AWS) was
similar between site types (around 14 g H2O per 100 g of soil, Table 2).

3.2. Plant Communities

A total of 42 plant species were sampled in the 15 studied plots (Table A1). Plant cover in MINE
sites was lower than in FIRE sites (45% vs. 99%, p-value < 0.001). Number of sampled species per
plot ranged from 2 to 11, whereas Shannon’s Index ranged from 0.11 to 1.93. These values were
similar in MINE and in FIRE plots (Table 3). The vegetation in MINE plots was dominated by different
grass species (Paspalum spp. and others) with incidental presence of pioneer trees such as Neonauclea
gigantea or Ceuthostoma terminale (present only in MINE plots from Bukit Hampuan) (Table A1).
In FIRE plots the fern Pteridium esculentum was dominant, with minor presence of grasses (Imperata
cylindrica, Miscanthus floridulus), pioneer trees (Trema sp., Vitex spp.), and gingers (family Zingiberaceae,
present only in FIRE plots from Bukit Hampuan) (Table A1). The Ni-hyperaccumulator (Phyllanthus
rufuschaneyi) was found growing on FIRE plots only. Several alien species were also found: Mimosa
pudica (only in MINE plots), Lantana camara (only in FIRE plots), or Chromolaena odorata (in MINE
and in FIRE plots). Results of taxonomic NMDS ordination showed a clear separation between the
communities in MINE and in FIRE plots (Figure 3a). This separation along NMDS1 is mainly correlated
to variation in soil properties (summarized by PC1, the first principal component of soil PCA, Figure 3a),
whereas the vectors altitude, aspect, and time since disturbance were correlated (along NMDS2) to
differences between Bukit Hampuan (BH) and the other plots within types of disturbed sites.
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Table 3. Summary of plant cover and taxonomic diversity (number of species and Shannon’s H index)
in sampled plots in areas disturbed by fire (FIRE sites) or by quarrying/soil excavation (MINE sites).
For each variable, the mean and the minimum-maximum (within brackets), are presented. p-values of
one-way ANOVAs are presented in the last column.

Variable MINE Sites FIRE Sites p-Value

Plant cover (%) 45.1 (21–84) 99.5 (98–100) <0.001

N of Species 5 (3–9) 6 (2–11) 0.322

Shannon’s H 0.92 (0.18–1.93) 1.05 (0.11–1.63) 0.672

Figure 3. Non-metric multidimensional scaling (NMDS) of plant communities growing on degraded
ultramafic areas in Sabah. (a) NMDS based on species composition. (b) NMDS based on community
weighed means (CWMs) for 15 functional traits. Colored areas are convex hulls grouping MINE (blue
polygons) and FIRE (green polygons) plots. The red arrows indicate environmental variables which are
significantly correlated (i.e., p-value < 0.05) to the ordination. Abbreviations for environmental vectors
are ALT, altitude above sea level; ASP, aspect; PC1, first principal component of soil PCA (see Figure 2);
TIME, years from last disturbance. 2-D stress for each ordination is indicated in the graphs.

Regarding functional traits, similar values in CWM were obtained in both types of altered sites in
11 out of the 15 studied traits (Table 4). No variation was observed in life cycle (all sampled species were
perennials). Depth of underground system was similar in the two types (0–30 cm). Plant height was
less than 1 m in MINE plots as compared to 1–3 m in FIRE sites. Density of stems was higher in MINE
sites, where communities were dominated by grasses/sedges. Plants with fixation of atmospheric N2

were only present in MINE communities, whereas Ni hyperaccumulation was only present in FIRE
plots, although low frequency of this trait made the differences between site types non-significant. Leaf
traits (except Mn concentration) were similar between communities, whereas foliar Mn in MINE sites
was two-fold higher than FIRE sites (Table 4). Compared to average values from the TRY database,
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our studied plant communities had lower SLA and lower foliar concentrations of N, P, Ca, and Mn,
whereas foliar K were in similar ranges and foliar Mg was much higher.

Table 4. CWM for 15 functional traits assessed in our study. For information on the type of variable,
units and categories of each trait, please refer to Table 1. The second and the third columns present the
CWM for each trait averaged for each type of site (MINE vs. FIRE), followed by the standard deviation
(in the case of binary or quantitative traits) or by the maximum and minimum (in the case of ordinal
traits). The fourth column indicate the p-values. We considered significant differences when p < 0.05.
For comparative purposes, the last two columns present mean values of certain traits from the TRY
database [31] and from an extensive study of ultramafic flora of Sabah [32].

Trait
Type of Disturbed Site

p-Value Mean in TRY Database 1 Mean in Sabah
Ultramafic Flora 2

MINE FIRE

Life cycle (binary) 1.0 (±0.0) 1.0 (±0.0) 1.0 - -
Lateral spreading
capacity (binary) 0.6 (±0.4) 0.7 (±0.2) 0.355 - -

Depth root
system (ordinal) 1.4 (1–2) 1.9 (1–2) 0.066 - -

Plant height (ordinal) 3.4 (1–5) 5.0 (5–5) 0.015 - -
Density of

stems (ordinal) 2.1 (1–3) 1.1 (1–2) 0.006 - -

N2 fixation (binary) 0.1 (±0.1) 0.0 (±0.0) 0.016 - -
Ni_Hyperaccum (binary) 0.0 (±0.0) 0.01 (±0.02) 0.285 - -

SLA (mm2 mg−1) 11.2 (±6.0) 8.3 (±3.0) 0.270 16.6 -
Leaf N (mg g−1) 10.3 (±4.7) 11.7 (±2.6) 0.500 17.4 -
Leaf P (mg g−1) 0.78 (±0.38) 0.88 (±0.26) 0.592 1.23 0.41
Leaf K (mg g−1) 8.6 (±4.7) 11.6 (±1.3) 0.135 8.4 3.8
Leaf Ca (mg g−1) 3.23 (±1.35) 2.63 (±1.01) 0.354 9.05 6.36
Leaf Mg (mg g−1) 4.07 (±2.24) 3.13 (±1.77) 0.387 2.61 3.03
Leaf Mn (μg g−1) 68.4 (±49.4) 30.6 (±18.9) 0.047 189 588

Leaf Ca:Mg 0.60 (±0.30) 0.57 (±0.20) 0.827 - -
1 TRY is an international database on plant functional traits. In 2011, it contained almost 3 million trait data entries
for around 69,000 plant species [31]; 2 average values of flora from several undisturbed ultramafic sites of Sabah.

NMDS ordination of the studied plots on the basis of CWM showed that the FIRE and MINE plots
partially overlap (Figure 3b). FIRE plots occupy less area (i.e., CWMs were similar) in the NMDS space,
probably due to the dominance of Pteridium esculentum in those communities. Interestingly, only the
soil conditions (summarized as the soil principal component PC1) are significantly correlated to this
ordination. This fact indicates that the small differences in CWMs between communities are related to
differences in soil properties.

4. Discussion

4.1. Soil Properties in Disturbed Ultramafic Habitats

In our study, we focused on tropical ultramafic areas disturbed by fire and excavation. Soil
formation from serpentinite bedrock under tropical conditions leads to cambisols or to cambic leptosols
with neutral to basic pH, very high CEC, high total and exchangeable Mg concentration, and high
Ni availability [38,51]. In those soils, nutrients are scarce and mostly distributed in the upper soil
horizons, where they are kept by an intense recycling of decaying organic matter [51]. The soils in
MINE and FIRE sites of our study have the typical ultramafic properties described in previous lines.
However, intense disturbance in MINE plots has eliminated the richer topsoil and resulted in a strong
reduction of chemical fertility. Thus, soil carbon concentration is five-fold lower in MINE than in FIRE
plots, the CEC of MINE plots is half of FIRE plots, the concentration of important nutrients is two-(P,
K) to seven-(N) fold lower in MINE than in FIRE soils and the soil biological activity is extremely low
in MINE plots. Soils derived from serpentinites are rich in 2:1 clays (smecites) [51] which have good
water retention capacities. These clays could be responsible for the similar available water storage
in MINE and FIRE soils, despite the important differences in soil organic matter content. Different
studies have shown that ultramafic plants play a major role in the building up of Ni concentrations in
the topsoil and its maintenance through biogeochemical recycling [51,52]. This phenomenon of plant
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recycling could be responsible for the high pseudototal concentrations of trace elements (Ni, Cr, Co,
Mn) and phytoavailable Ni in FIRE soils.

4.2. Functional Traits in Disturbed Ultramafic Habitats

Plants must deal with extreme conditions in ultramafic soils, which are even harsher in
human-disturbed soils [3,4,11]. Our results on CWM for different functional traits allow the
identification of main plant community adaptations to ultramafic stress. Despite the differences
in soil conditions and taxonomic composition between MINE and FIRE sites, the CWM for most
of the studied traits were similar in both types of disturbed areas. Moreover, the small differences
we found were correlated to changes in soil properties (see ‘functional NMDS’). In both types of
disturbances, the plant communities had a conservative strategy (e.g., slow-growing species that
conserve resources) [53]. As an example, CWM values of SLA are below the average SLA value
in TRY database [31], and in the lower range of SLA values reported for tree species from tropical
forest in Mount Kinabalu (SLA from 2.72 to 120.3 mm2 mg−1) [54] and for herbaceous plants growing
on ultramafic substrates from Lesbos island (East Mediterranean) (SLA from around 10 to 45 mm2

mg−1) [55]. SLA has been correlated with relative growth rate and stress tolerance, as well as a protection
against herbivores [56,57], thus we can conclude that our studied communities are characterized by
low relative growth rates but high tolerance to stress. Community mean leaf concentrations of N, P,
Ca, and Mn were slightly below the average values from TRY database and (for N and P) below the
vegetation from Lesbos island [31,55]. In contrast, CWM values for leaf K and Mg are over the mean for
TRY. High Mg CWM are understandable because Mg is the dominant element in exchange complex in
serpentine-derived soils [38,51] and in our samples. However, leaf K concentrations (average 10.1 mg
g−1 K) are unusually high if we consider that the soils in the studied plots were deficient in this element.
It is known that serpentinite-derived soils from Sabah are well drained and prone to drought [36,58].
Potassium plays a role in plant tolerance to drought [59], so these high levels of potassium could be an
adaptation of pioneer ultramafic flora to cope with water limitation.

Regarding N and P, plant communities had intermediate leaf concentrations (11 and 0.83 mg g−1

of N and P, respectively), which are lower than those observed in temperate ultramafic plants from
Lesbos [55]. However, these concentrations are remarkable considering: (i) the extremely low soil
concentrations of these nutrients, especially P (average N soil concentration 2.05 mg g−1; average
P-Olsen 1.7 mg kg−1); (ii) the lower average leaf P concentration (0.41 mg g−1) in plants from undisturbed
ultramafic areas of Sabah [32]. Therefore, we may conclude that the plant communities in our studied
plots are characterized by a high capacity of nutrient absorption and storage. Our findings in
tropical degraded ultramafic areas are congruent with some of the functional characteristics previously
described in ultramafic flora in temperate regions: slow growth rates, high investment in anti-herbivore
defense, storage of nutrients, and efficient nutrient use [4,55]. This nutrient-conservative strategy is
not restricted to ultramafic flora, but it is usually found in nutrient-limited ecosystems [53].

Soil Ca:Mg molar ratio has been identified as one of the important factors involved in the
infertility of ultramafic soils, due to the antagonistic effect of high Mg concentrations over Ca uptake
by plants [3,4]. In fact, the ability to maintain a leaf Ca:Mg molar ratio > 1 has been indicated as an
important trait to explain adaptation to ultramafic soils in different ultramafic plants from temperate
regions [60,61]. However, increased Mg requirements have been found in several temperate ultramafic
plant ecotypes [3]. In contrast, leaf Ca:Mg molar ratios in our studied communities were around 0.5 (i.e.,
almost double of Mg moles in comparison with Ca moles in the leaves). Our results may be explained
either by efficient tolerance mechanisms to excess Mg in plant tissues or higher Mg requirements in
tropical ultramafic plants. However, more research is needed to clarify this topic.

The plant communities in MINE and FIRE plots differed in only four out of 15 studied traits:
plant height, density of stems, N2 fixation, and leaf Mn concentration. Plant height was higher in FIRE
plots as a result of soils with more nutrient resources, but also as a response to high competition for
light in sites with dense plant cover. The higher density of stems in MINE plots is just a consequence
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of the dominance of grasses and sedges—with high number of culms—in these sites. N2 fixation is
an important characteristic, especially in nutrient-poor soils. Thus, it was unexpected that this trait
appeared in very low frequency, and only in MINE sites. The difference in leaf manganese concentration
is interesting as it cannot be explained by differences in soil Mn concentration: MINE sites had lower
soil Mn and higher leaf Mn concentration than FIRE sites. Leaf Mn concentration has been proposed
as a proxy to phosphorus-acquisition efficiency [62]: mechanisms for phosphorus mobilization at root
level (release of carboxylates) provoke a significant increase in the absorbed Mn. However, to our
knowledge, only one species from MINE plots (Ceuthostoma terminale, Casuarinaceae, with clusteroid
roots) clearly has this strategy. The dominant species in FIRE plots (the fern, Pteridium esculentum) has
very low leaf Mn concentrations (values from 5.5 to 11.5 mg kg−1). Therefore, a more detailed study on
the mechanisms of P-absorption would be needed to determine if this difference in Mn concentration
in disturbed ultramafic communities is related to enhanced carboxylate release or whether it is just an
artifact caused by the dominance of P. esculentum.

4.3. Implication in Revegetation of Ultramafic Degraded Areas

The analysis of functional composition of plant communities on degraded metal-rich soils may
provide clues for the restoration of those areas, as well as trait-assisted selection of potential species
for revegetation.

In our study we analyzed two types of tropical anthropized ultramafic habitats: serpentinite
quarries or dumpsites and burnt areas. Soil conditions in these habitats mimic two possible ultramafic
post-mining scenarios: (a) raw serpentine bedrock or saprolite exposed after soil excavation and
(b) serpentine tailing amended with organic matter or covered with topsoil. On the basis of similar
functional composition of tropical plant communities in FIRE and MINE habitats, we can conclude that
suitable species for revegetation of scenarios a and b should possess the following attributes: perennial
life cycle, lateral spreading capacity, rooting depth lower than 30 cm, and a nutrient conservative
strategy (low SLA, high leaf K, and intermediate N and P concentrations). However, plants for scenario
a should have between 10 and 30 stems per dm2 and height between 0.3 and 0.59 m. In contrast,
for scenario b the number of stems should be between 1 and 10 per dm2 and the preferred height
between 1 and 3 m. Finally, due to extremely low nutrient concentrations, revegetation in scenario a
must include species with the ability of N2 fixation [63,64].

Although some of these traits are present also in ultramafic plants from temperate areas, our
results can be extrapolated only to tropical areas due to differences in serpentinite soils from tropical
and temperate regions [51] and the specific conditions of tropical climate (e.g., high pluviometry,
stable temperature, lack of marked dry season). As an example, high biomass producing temperate
Ni-hyperaccumulators of the genus Odontarrhena spp. (formerly Alyssum) cultivated in a phytomining
trial in Sulawesi (Indonesia) showed a low Ni concentration and a reduced biomass production [14].

Our results indicate that in case of extremely anthropized soil—scenario a—cultivation of selected
plants in nursery and planting would be necessary to obtain a good plant cover (average plant cover
in MINE plots is around 48%), whereas in scenario b spontaneous plant colonization may be an
effective strategy for revegetation (almost 100% of plant cover in FIRE plots). However, spontaneous
revegetation is feasible only if plant populations are locally present to act as seed sources [63] and if
alien species are absent [65].

The use of species that fulfil the previous criteria in restoration of ultramafic degraded areas
will reduce erosion (perennial plant cover, increased covered area due to lateral spreading capacity,
limitation of surface runoff and sediment trapping due to dense number of stems) and nutrients will
be conserved in the site. However, the obtained plant community will be poor in terms of functional
diversity. Different studies have shown that the use of species with complementary functional
traits have positive synergistic effects on the phytoremediation of multicontaminated soils and the
reclamation of extremely degraded mine tailings [28,29]. With this aim, three additional elements
should be explored to ameliorate restoration approaches in ultramafic habitats.
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Nutrient cycling: plants with conservative strategies tend to have leaves with low SLA and to
recover nutrients (i.e., nutrient resorption) during leaf senescence. Thus, produced litter is difficult to
degrade and it contains reduced nutrient concentrations [23]. Measures to increase nutrient recycling,
such as the introduction of N2-fixing plants or inoculation of soil fauna (i.e., earthworms) should be
explored [63,66].

Managing competition: the use of perennial plants with lateral spreading capacity can imply in
some cases the selection of strong competitive species. Use of this species can create a favorable habitat
for the colonization of other species (i.e., they can act as nurse species) or can lead to the creation
of a dense monospecific plant cover that outcompetes any other species (e.g., degraded grasslands
of Imperata cylindrica [34]). Depending on the desired outcomes, management would be needed to
reduce competitive pressure of the dominant species. For instance, a sacrifice fallow crop with the
exotic fast-growing Acacia mangium showed to be useful suppressing dominant Imperata cylindrica and
creating microconditions for the germination and growth of native tree species [67].

Ni-hyperaccumulation: Ni-phytomining using hyperaccumulator plants has been proposed as
being compatible with the restoration of mined areas [68]. Nickel would be recovered from the
biomass of cultivated native hyperaccumulators and the obtained incomes would be used to cover
(part of) restoration costs. The absence of Ni-hyperaccumulation from MINE plots indicates that
phytomining would only be feasible in scenario b. A further improvement would consist of the
selection of hyperaccumulators with other traits that fit conditions in degraded ultramafic areas (e.g.,
resprouting ability, resistance to drought, and full sunlight).
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Appendix A

Table A1. List of plant species identified in 15 plots in degraded ultramafic areas from Sabah (Malaysia).
Species codes are based in the first two letters of the genera and the specific epithet. When species
identification was not possible, the codes correspond to the growing form: F, forb; FE, fern; G, grass;
T, tree; ZI, ginger. Plant division is indicated in the third column when the plant family is not known.
The last two columns indicate the number of plots where each species is present, and the relative cover
(%) of that species averaged by the number of plots where it is present.

CODE Species Division/Family
N Occurrences/Average Cover (%)

FIRE plots MINE plots

CETE Ceuthostoma
terminale Casuarinaceae 0/0 2/4

CHOD Chromolaena odorata Asteraceae 4/26 2/3

CLSP Clausena sp. Rutaceae 1/10 0/0
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Table A1. Cont.

CODE Species Division/Family
N Occurrences/Average Cover (%)

FIRE plots MINE plots

COSP Colona sp. Malvaceae 1/7 0/0

COMSP Commersonia sp. Malvaceae 1/1 1/3

CY#01 Cyperus sp. Cyperaceae 1/4 0/0

DEFR Decaspermom
fruticosum Myrtaceae 1/1 0/0

ETCO Etlingera coccinea Zingiberaceae 1/4 0/0

F#01 - Dicotyledon 0/0 1/3

FE#01 - Polypodiophyta 0/0 2/2

FE#02 - Polypodiophyta 0/0 1/8

FISP Fimbristylis sp. Cyperaceae 0/0 4/35

G#01 - Poaceae 0/0 1/24

G#02 - Poaceae 0/0 3/24

G#03 - Poaceae 0/0 1/1

G#04 - Poaceae 0/0 1/26

G#05 - Poaceae 0/0 1/3

G#06 - Poaceae 0/0 1/3

IMCY Imperata cylindrica Poaceae 4/5 1/8

LACA Lantana camara Verbenaceae 1/10 0/0

LYSP Lygodium sp. Lygodiacaeae 3/4 0/0

MA#01 Macaranga sp.1 Euphorbiaceae 1/1 0/0

MA#02 Macaranga sp.2 Euphorbiaceae 1/4 0/0

MA#03 Macaranga sp.3 Euphorbiaceae 1/2 0/0

ME#01 Melastoma sp. Melastomataceae 1/7 0/0

ME#02 Medinilla sp. Melastomataceae 0/0 1/1

MIFL Miscanthus
floridulus Poaceae 3/9 2/5

MIPU Mimosa pudica Fabaceae 0/0 3/5

NASP Nauclea sp. Rubiaceae 1/11 0/0

NEGI Neonauclea gigantea Rubiaceae 1/2 2/2

PASP1 Paspalum sp1. Poaceae 0/0 2/4

PASP2 Paspalum sp2. Poaceae 0/0 6/3

PHRU Phyllanthus
rufuschaneyi Phyllanthaceae 1/5 0/0

PTES Pteridium
esculentum Dennstaedtiaceae 7/63 0/0

RU#01 Rubus sp. Rosaceae 0/0 1/1

T#01 - Dicotyledon 1/2 0/0

T#02 - Dicotyledon 1/1 0/0

T#03 - Dicotyledon 1/3 0/0

TRSP Trema sp. Cannabaceae 2/3 0/0

VIPI Vitex pinnata Lamiaceae 1/5 0/0

VISP Vitex sp. Lamiaceae 1/5 0/0

ZI#01 - Zingiberaceae 1/4 0/0
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Abstract: Land salinization is a major constraint for the practice of agriculture in the world.
Considering the extent of this phenomenon, the rehabilitation of ecosystems degraded by salinization
has become a priority to guarantee food security in semi-arid environments. The mechanical and
chemical approaches for rehabilitating salt-affected soils being expensive, an alternative approach is
to develop and utilize biological systems utilizing salt-tolerant plant species. Casuarina species are
naturally halotolerant, but this tolerance has been shown to be improved when they are inoculated
with arbuscular mycorrhizal fungi (AMF) and/or nitrogen-fixing bacteria (Frankia). Furthermore,
Casuarina plantations have been proposed to promote the development of plant diversity. Thus,
the aim of the current study was to evaluate the impact of a plantation comprising the species Casuarina
inoculated with AMF and Frankia on the diversity of the sub-canopy and adjacent vegetation. Work
was conducted on a plantation comprising Casurina equisetifolia and C. glauca variously inoculated
with Frankia and Rhizophagus fasciculatus prior to field planting. The experimental area of 2500 m2

was divided into randomized blocks and vegetation sampling was conducted below and outside of
the Casuarina canopy in 32 m2 plots. A total of 48 samples were taken annually over 3 years, with 24
taken from below the Casuarina canopy and 24 from outside the canopy. The results obtained show
that co-inoculation with Frankia and Rhizophagus fasciculatus improves the height and survival rate of
both species. After 4–5 years, there was greater species diversity and plant biomass in the sub-canopy
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environment compared with that of the adjacent environments. Our results suggest that inoculation
of beneficial microbes can improve growth of Casuarina species and that planting of such species can
improve the diversity of herbaceous vegetation in saline environments.

Keywords: Casuarina; salinization; diversity; rehabilitation; herbaceous vegetation

1. Introduction

Land salinization is characterized by high plant mortality, loss of biodiversity, and loss of soil
fertility [1]. Acidic and hyper-saline halomorphic soils occupy more than 85% of the land in Palmarin
(Fatick, Senegal) [2].

In recent years, an increase in salinity combined with the impacts of climate change has led to
the decrease of agricultural yields. In Senegal, the area of Fatick is one of the regions most affected
by salinization, and in the village of Palmarin, the agricultural production systems are threatened by
the salinization of the land. Rice cultivation, which was practiced in Palmarin in the 1960s, has been
abandoned because of the lack of rainfall and the increasing salinity of the land.

The increasing decline in arable land needed to provide food security for this population is
exacerbated by the increasing population in this area. Official estimates taken between 1988 [3] and
2015 [4] suggest an annual growth rate of 2.72%. The lack of potential income from this area has
furthermore increased the phenomenon of rural exodus, especially among the local youth [5].

It thus becomes essential to implement low-cost, ecological strategies to rehabilitate ecosystems
and improve ecosystem benefits (e.g., firewood, fodder, and timber production). The use of salt-tolerant
species of the Casuarinaceae family in association with symbiotic microorganisms could be a
bio-remediation strategy [6,7]. Casuarinaceae form root nodules in association with the nitrogen-fixing
actinobacteria Frankia, which enables survival in nutrient-poor soils. Furthermore, they can develop
a symbiotic association with arbuscular mycorrhizal fungi (AMF) and ectomycorrhizal fungi (EM),
which enhance plant water absorption and promote the uptake of nutrients, particularly, phosphorous
and nitrogen [8–10]. Inoculation with salt-tolerant AMF and bacteria can improve plant salinity
tolerance [11] and enhance nutrient acquisition, plant growth, and yield [12,13]. Economically,
Casuarinaceae species are valued for the density of their wood and for facilitating nitrogen fertilization
of soils through their symbiotic association with the soil bacteria Frankia [14].

What is also of importance is the regeneration of natural herbaceous vegetation in salt-affected
areas, so as not to ultimately lose the natural diversity is this region. This in turn could be of reciprocal
benefit. The positive effect of herbaceous vegetation on tree growth under saline conditions has been
described for Prosopis juliflora and Vachellia seyal seedlings [15]. Thus, the hypothesis of our study is
that salt-tolerant Casuarina species could have a positive effect on herbaceous diversity and reduce soil
salt concentrations, thereby collectively improving growth.

To test this hypothesis, field plantations of C. equisetifolia and C. glauca, species which have been
tested under controlled conditions for their ability to tolerate salt stress [7], were established in 2013.
Subsequent to this, we studied (i) the effect of inoculation (Rhizophagus fasciculatus/Frankia strain CeD)
on the growth of C. equisetifolia and C. glauca under saline environments and (ii) the impact of planting
on herbaceous vegetation diversity after four years of planting in saline conditions.

Our data showed a beneficial effect of Casuarina on the diversity of hebaceous vegetation and
that inoculation has a positive effect on wood production. We thus propose that the establishment of
the vegetation layer through these programs could improve biogeochemical cycles, carbon fluxes that
significantly influence the soil microbial community [16,17].
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2. Materials and Methods

2.1. Field Study Site

The experimental plantation where the work was conducted is located in the Fatick region
(Senegal) in the municipality of Palmarin, 14◦01’14 N and 16◦45’23 W (Figure 1). The plantation
has a surface area of 2500 m2 and the soil has a sandy loamy texture (analysis performed by the
INP “National Institute of Pedology”). The annual rainfall is between 400 mm and 900 mm isohyets
(Figure A1) and the study site is subject to periodic waterlogging during the rainy season. Soil salinity
levels vary from 40 to 500 mM in the dry season. Due to its geographical location, which gives it the
character of a peninsula, the temperature in the municipality of Palmarin varies between 16 ◦C in
January and 38 ◦C in June.

 

Figure 1. Map of the study site in Palmarin (Fatick, Senegal).

2.2. Experimentation in the Field

The Casuarina plantation was established in 2013 and is composed of Casuarina glauca and Casuarina
equisetifolia which were planted according the experimental designed shown in Figure 2. Prior to
field establishment, plants were inoculated with an AMF (Rhizophagus fasciculatus (Thaxt.) C. Walker
& A. Schüßler strain DAOM227130 isolated in Quebec) according to Djighaly et al. [7] and Frankia
(CeD) strain isolated by Diem et al. [18] from C. equisetifolia as described in Ngom et al. [19]. The AMF
(R. fasciculatus) and Frankia strain CeD were selected on the basis of previous studies showing their
ability to enhance the growth of C. equisetifolia and C. glauca under salt conditions [7,20]. The bacterial
inoculum for growth of Frankia was prepared by culture under propionate medium (BAP) [16] for 4
days to obtain a phase of exponential bacterial growth. The plants were inoculated with 5 mL of this
liquid culture (absorbance = 0.02) and the AMF inoculum containing 32 spores/g and 80% mycorrhized
roots. Plants were inoculated 21 days after seeding with the following combinations: (1) plants
inoculated with with R. fasciculatus (Rf) only, (2) plants inoculated with Frankia (CeD) only, and (3)
plants co-inoculated with Rf and Frankia. Non-inoculated plants were used as controls. After 4 months
in the nursery, the seedlings were transferred to the field. The experimental design included 4 blocks
(each row of 8 2 × 10 subplots in Figure 2), each treatment was replicated 4 times (1 replicate per block),
and in each replicate 10 plants were planted. A spacing of 2 m × 2 m between the plants was left
(Figure 2). A total of 320 plants were transferred to the plot.
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Figure 2. Experimentation design.

2.3. Physicochemical Characterization of the Site

The physical and chemical characteristics of the soil were determined at the sites before planting.
Four soil samples were taken at depths of between 0–20 cm from the east, west, north, and south
directions. At least 3 samples were pooled per replicate from each sampling point. Soil chemical
parameters such as pH, salinity, N, C, and P were analyzed at the LAMA (“Laboratoire des Moyens
Analytiques”), certified ISO 9001 version 2000.

The height and collar diameter of the plants were measured using a tape measure. This was
performed after 6 months, 2 years, and 3 years to assess plant growth rates. Plant survival rate was
determined by counting using the formula:

Survival rate (%) = (number of surviving plants)/(total number of plants) × 100 (1)

2.4. Diversity of Herbaceous Vegetation

An inventory of plants growing in the 2500 m2 plantation was undertaken 3 years after planting
to limit the disturbances linked to the transplanting of the Casuarina trees, but also to allow the planted
Casuarina to reach a size big enough to have an impact on the fertility of the soil and the diversity of
the environment. A comparison was made between the plots below the Casuarina canopy and outside
the Casuarina canopy. To do this, the plantation was divided into four blocks of 25 × 25 m2 (Figure 2).
In each block, 32 m2 sub-plots were delimited, which is the minimum area with saline land at Palmarin.
The surveys were carried out using the Braun–Blanquet [20] phytosociological method. Each species
inventoried was given an abundance-dominance coefficient (+ to 5), which was transformed into
percentages using the method of Gillet [21].

A total of 48 vegetation surveys were carried out, including 24 below the Casuarina canopy,
randomly distributed in each block (25 × 25 m2) to take into account the heterogeneity of the
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environment. A comparison was made with 24 surveys outside the Casuarina canopy distributed into
four blocks in eastern, western, northern, and southern directions. Botanical samples were identified
in the field or in the laboratory using the flora of Senegal [22]. The species names were updated on the
basis of the list of flowering plants in tropical Africa from Lebrun and Stork [23,24]. The diversity of
herbaceous vegetation below and outside the Casuarina canopy was evaluated after 3 years (2016), 4
years (2017), and 5 years (2018) of planting.

2.5. Diversity and Regularity Indices

2.5.1. Shannon–Weaver Index

The Shannon index (H′) is used to calculate the level of species diversity in a given environment.
It takes into account not only the number of species, but also the distribution of individuals within
these species. It is often between 0 and 4.5, rarely higher [25]. It is calculated using the following
equation:

H′= −
∑

(ni/N) log2 (ni/N) (2)

where ni is the abundance of species i; N is the total abundance.

2.5.2. Evenness Measure

Evenness expresses the distribution of species within the association. It varies between 0 and 1, is
without units, and corresponds to the ratio of Shannon index (H′) and maximum value of Shannon
index (H’ max):

Evenness is represented as follows:

E = (H′)/(H′ max) (3)

where H′ max = log2 (ni/N).

2.5.3. Jaccard’s Similarity Index

The Jaccard similarity index allows a comparison between two sites, as it assesses the similarity
between two surveys by relating the species common to both surveys to those specific to each survey.
Jaccard’s similarity index is represented as follows:

J = a/(a + b + c) (4)

where a is the number of species present in both samples (joint occurrences), b is the number of species
present in sample one, and c is the number of species present in sample two.

2.5.4. Specific Presence Contribution (S.P.C.)

It is the ratio expressed as a percentage between the centesimal frequency of this species and the
sum of the centesimal frequencies of all species; it reflects the participation of the species in covering
the soil surface [26].

Csi (%) = (Fsi/ΣFsi) × 100 (5)

where Fsi is the specific frequency of species i; ΣFsi is the sum of the frequency of all species; and Csi is
the specific contribution of species i.

2.6. Biomass

The above-ground biomass of the sub-canopy and adjacent herbaceous vegetation was estimated
within the 1 m2 blocks by the integral harvesting method [27]. These plots were randomly distributed
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within the 32 m2 plots. A total of 48 plots of 1 m2 were used to evaluate the plant mass, 24 of which
were below the Casuarina canopy and 24 others outside the Casuarina canopy.

The harvesting method consisted of harvesting the entire plant and subsequent separation into
tissue types. The fresh mass of tissues was determined in the field using a spring scale. The dry mass
was obtained after drying in an oven at 70 ◦C until a constant weight was obtained. Production is
expressed in tonnes of dry biomass per hectare (t DB/ha).

Specific Contribution Biomass (Csib)

This measure reflects the participation of a species in above-ground plant biomass and is
calculated as

Csib (%) = (Wsib/ΣWsib) × 100

where Wsib is the weight of dry biomass of the species ib; ΣWsib is the total weight of dry biomass of
all species; and Csib is the specific contribution of biomass ib [26].

2.7. Statistical Analysis

Data collected were processed using R software version 3.4.2. Normality of all data sets was
assessed using the Shapiro–Wilk test and the equality of variances by the Levene test. For data
following normal laws, a two-way ANOVA was performed to evaluate the effects of inoculation and
species on survival rate, height, and collar diameter. Chemical parameters, coverage, specific richness,
Shannon index, and dry biomass were also analyzed with Bonferonni test with a significance threshold
set at 0.05. We analyzed species composition below and outside Casuarina canopy as a function of
years using non-metric multidimensional scaling (NMDS).

3. Results

3.1. Physicochemical Characteristics of Soil

Four composite soil samples were taken at horizons of 0–20 cm before planting and 3 years after
planting. The 2013 planting site had salt concentrations of approximately 0.53‰ before planting. This
concentration decreased significantly 3 years after planting to 0.28‰ at the end of the dry season.
The soil had an average carbon content of 2.15 g/kg, nitrogen content of 155.75 mg/kg, and phosphorus
content of 42.25 before planting. This content increased to 3.3 g/kg, 275 mg/kg, and 170 mg/kg
respectively for carbon, nitrogen, and phosphorus 3 years after planting (Table 1). The pH of the site
was acidic; approximately 5.3 and 5.95 before planting and 3 years after planting, respectively (Table 1).

Table 1. Chemical characteristics of soil before planting in 2013 and 3 years after planting. Lower-case
letters (a–b) indicate significant differences between before planting and 3 years after planting.

Analysis pH Salinity Nitrogen Kjeldahl Carbon Organic Phosphorus Total

‰ mg/kg g/kg mg/kg

Before planting 5.3 a 0.45 a 155.75 b 2.15 b 42.25 b

3 years after planting
(below Casuarina canopy) 5.95 a 0.28 b 275 a 3.3 a 170 a

3.2. Effect of Inoculation with AMF/Frankia on the Growth of C. equisetifolia and C. glauca Planted in the More
Saline Area in Palmarin

The effects of inoculation of these species in terms of survival and growth rates are given in Table 2.
After 6 months of planting, in C. equisetifolia, all plants that were co-inoculated had survived, with
those inoculated by Frankia or Rf only showing 80% and 77% survival, respectively. In C. glauca, higher
survival rates occurred in plants inoculated with Frankia (93.34%) compared to those inoculated with
Rf only (90%) or co-inoculated (87%). Two years after planting, a decrease in the survival rate was
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observed in both species. The highest survival rate of 67.5% was obtained in co-inoculated and Frankia
only inoculated C. glauca. Compared to control plants, co-inoculation improved survival rates by 20%
and 12.5% in C. equisetifolia and C. glauca, respectively (Table 2). In C. equisetifolia, the lowest survival
rates were observed in the control plants, with 30% of the plants surviving. Of the 320 plants initially
transplanted, 53% survived after 3 years (Table 2). Inoculation did not improve survival in C. glauca 3
years after planting. However, it did improve the survival rate of C. equisetifolia.

Table 2. Effect of inoculation with R. fasciculatus and Frankia on the survival rate and height of C.
equisetifolia and C. glauca plants under saline stress conditions 6 months, 2 years, and 3 years after
planting. Control, Rf: R. fasciculatus, Frankia: Frankia strain CeD, and Rf + Frankia: AMF/Frankia
co-inoculation. Lower-case letters (a–e) indicate significant differences between control and inoculated
plants for each time (6 months, 2 years, and 3 years).

Species Treatments Survival Rate (%) Height (cm) Collar Diameter (cm)

6 months after
planting

C. equisetifolia

Control 85 b 65.14 de 5.45 a

Frankia 80 b 68.94 cde 6.13 a

Rf 76.67 b 60.51 e 6.05 a

Rf + Frankia 100 a 73.67 bcd 5.15 a

C. glauca

Control 73.4 b 78.51 abc 5.75 a

Frankia 93.34 a 79.10 abc 6.02 a

Rf 90 a 81.98 ab 5.51 a

Rf + Frankia 86.67 ab 88.00 a 6.21 a

Species . *** ns

Inoculation ** ** ns

Species*Inoculation ns ns ns

2 years after

C. equisetifolia

Control 30 c 107.81 c 12.26 a

Frankia 55 b 111.77 c 13.87 a

Rf 47.5 b 168.13 ab 13.45 a

Rf + Frankia 50 b 172.26 ab 13.49 a

C. glauca

Control 55 b 144.40 b 11.30 a

Frankia 67.5 a 141.29 b 12.31 a

Rf 45 b 181.05 a 15.00 a

Rf + Frankia 67.5 a 166.98 ab 12.30 a

Species * * ns

Inoculation ** *** ns

Species*Inoculation . . ns

3 years after

C. equisetifolia

Control 30 b 125.63 c 13.55 a

Frankia 55 a 127.45 c 14.07 a

Rf 47.5 a 180.13 ab 14.86 a

Rf + Frankia 50 a 186.88 ab 14.63 a

C. glauca

Control 55 a 152.77 bc 12.97 a

Frankia 57 a 163.29 abc 15.33 a

Rf 45 a 196.50 a 16.52 a

Rf + Frankia 57.5 a 192.38 a 15.40 a

Species . * ns

Inoculation * *** ns

Species*Inoculation ns . ns

ns, no significant difference; *, ** and *** indicate significant difference at p < 0.1, 0.05, 0.01, and 0.001, respectively.

27



Diversity 2020, 12, 293

In terms of the effect of inoculations on plant growth, there was no significant increase in the height
of the C. equisetifolia plants compared to control plants 6 months after planting. However, significantly
greater heights were observed in C. glauca that were co-inoculated compared to the control plants.
After 3 years, plants of both species that were inoculated with Rf and co-inoculated had greater heights
than control plants. However, inoculation did not significantly increase collar diameter compared to
control plants during 3 years of planting.

3.3. Effect of the Casuarina Plantation on Species Diversity and Specific Contribution below and outside Their
Canopy

The herbaceous vegetation of the site comprises 37 species from 28 genera and 14 families (Table 3).
Below the Casuarina canopy, 24, 29, and 33 species were inventoried in 2016, 2017, and 2018, respectively.
From outside the canopy, 21, 22, and 24 species were inventoried in 2016, 2017, and 2018, respectively.
Of the 37 species inventoried, 14 were common in all areas. The species specifically inventoried below
the Casuarina canopy in 2018 were Ipomoea sinuata Ort., Corchorus tridens L., and Melochia corchorifolia (L.).

Table 3. Presence/absence and specific contribution presence below the Casuarina canopy (BCC) and
outside the Casuarina canopy (OCC).

Family Genera Species BCC OCC

2016 2017 2018 2016 2017 2018

Poaceae

Dactyloctenium Dactyloctenium aegyptium (L.) Willd 0.64 2.96 2.12 6.03 3.40 3.87

Schisachyrium Schizachyrium compressa (K. Schum.) 3.21 2.59 5.30 - - -

Schizachyrium rupestre (Stapf.) Stapf - - - 0.86 2.04 1.66

Chloris
Chloris prieurii Kunth 3.85 3.33 3.53 3.45 3.40 5.52

Chloris barbata (L.) Sw. - 2.96 2.12 - - -

Pennisetum Pennisetum polystachion (L.) Schul. - 3.70 3.53 2.59 4.76 4.97

Eragrostis
Eragrostis tenella (L.) Beauv. 5.13 2.96 1.41 - - -

Eragrostis tremula Hochst. Ex Steud. 3.85 4.07 2.12 5.17 4.76 4.97

Eragrostis aspera (Jacq.) Nees. 3.21 3.70 1.77 - - -

Paspalum Paspalum vaginatum (L.) 4,49 3.33 3.53 - - -

Aristida
Aristida funiculata Trin. & Rupr. - 2.96 3.53 5.17 5.44 1.10

Aristida mutabilis Trin. & Rupr. - 1.11 2.47 - - -

Digitaria Digitaria horizontalis Willd. 3.85 2.96 2.47 1.72 6.12 6.08

Brachiaria Brachiaria lata C.E. Hubb. - 0.37 0.71 - - -

Sporobolus Sporobolus robustus Kunth 5.77 8.15 7.07 3.45 6.80 3.87

Malvaceae

Hibiscus
Hibiscus rostellatus (Guill. & Perr.) 0.64 1.48 1.41 - - -

Hibiscus asper Hook. 3.21 3.33 7.42 3.45 2.72 -

Corchorus Corchorus tridens L. - - 0.71 - - -

Sida Sida alba L. 4.49 - - 3.45 5.44 3.87

Cyperaceae

Fuirena Fuirena ciliaris (L.) Roxb. 2.56 - - 0.86 0.68 5.52

Cyperus Cyperus esculentus L. 1.92 4.07 2.47 - 4.76 3.31

Cyperus bulbosus Vahl. 3.21 2.22 1.06 5.17 4.08 2.76

Amaranthaceae
Amaranthus Amaranthus greacizans L. 0.64 3.70 3.89 6.03 2.04 2.21

Philoxerus Philoxerus vermicularis (L.) Sm. 8.33 3.33 8.13 17.24 16.33 12.71

Convolvulaceae Ipomoea Ipomoea coptica Willd. 1.28 0.74 1.77 5.17 2.04 3.87

Ipomoea sinuata Ort. - - 3.18 - - -
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Table 3. Cont.

Family Genera Species BCC OCC

Fabaceae

Indigofera Indigofera berhautiana JB. Gillett. - - 1.06 - - 1.66

Indigofera linifolia (Lf) Retz. - - 1.06 - - 2.21

Alysicarpus Alysicarpus ovalifolius Schum.&
Thonn. 1.92 3.33 1.77 - - 2.21

Amaryllidaceae Pancratium Pancratium trianthum Herb. - 1.48 3.18 - - -

Nyctaginaceae Boerhavia Boerhavia repens L. 3.21 4.07 3.53 3.45 3.40 3.87

Plantaginaceae Scoparia Scoparia dulcis L. - 3.70 - 5.17 0.68 1.10

Asteraceae Sphaeranthus Sphaeranthus senegalensis DC. 7.05 4.44 1.77 2.59 5.44 3.87

Aizoaceae Sesuvium Sesuvium portulacastrum (L.) L. 14.10 8.89 3.53 7.76 9.52 7.18

Acanthaceae Hygrophila Hygrophila senegalensis (Nees) T.A 8.33 7.78 7.77 5.17 5.44 6.63

Rubiaceae Spermacoce Spermacoce verticillata L. 5.13 2.22 3.18 6.03 0.68 4.97

Sterculiaceae Melochia Melochia corchorifolia L. - - 0.71 - - -

The specific presence contribution reflects the participation of the species in the spatial occupation
of the plantation. In 2016, the larger contribution towards spatial occupation below the Casuarina
canopy was provided by the species Sesuvium portulacastrum (L.) L. (14.10%), Philoxerus vermicularis
(L.) Sm. (8.33%), Hygrophila senegalensis (Nees) T. Anderson (8.33%), and Sphaeranthus senegalensis DC.
(7.05%). Outside of the Casuarina canopy, Philoxerus vermicularis (17.24%), Sesuvium portulacastrum
(7.76%), Spermacoce verticillata L. (6.03%), and Amaranthus greacizans L. (6.03%) occupied the greatest
space. In 2017, below canopy domination, the species Sesuvium portulacastrum (L.) L. (8.89%), Hygrophila
senegalensis (7.78%), Sphaeranthus senegalensis (4.44%), Boerhavia repens L. (4.07%), and Cyperus esculentus
L. (4.07%) were more significant, whereas outside the Casuarina canopy, Philoxerus vermicularis (16.33%),
Sesuvium portulacastrum (9.52%), Melochia corchorifolia L. (5.44%), and Sphaeranthus senegalensis (5.44%)
were more dominant. Similarly, in 2018, greater spatial occupation below the canopy was found in
the species Philoxerus vermicularis (8.13%), Hygrophila senegalensis (7.77%), Corchorus tridens L. (7.42%),
and Sporobolus robustus Kunth. (7.07%), whereas outside the canopy Philoxerus vermicularis (12.71%),
Sesuvium portulacastrum (7.18%), Hygrophila senegalensis (6.63%), and Digitaria horizontalis Willd. (6.08%)
were more prevalant (Table 4).

Table 4. Inter-annual variation of coverage, specific richness, and diversity index below the Casuarina
canopy (BCC) and outside the Casuarina canopy (OCC). Lower-case letters (a–c) indicate significant
differences according to the two-way ANOVA between conditions and years.

BCC OCC

Years 2016 2017 2018 2016 2017 2018

Coverage (%) 48.28 b 67.48 a 71.95 a 37.57 b 43.26 b 45.03 b

Specific richness 24 b 29 ab 33 a 21 b 22 b 24 b

Shannon index 1.9 b 2.26 a 2.39 a 1.67 c 1.76 c 2.05 b

Evenness 0.41 0.46 0.47 0.38 0.39 0.44

3.4. Coverage, Specific Richness, and Diversity Index below and outside the Casuarina Canopy

The coverage of the herbaceous vegetation below the Casuarina canopy was 48.28% in 2016, 67.48%
in 2017, and 71.95% in 2018. Outside the canopy vegetation coverage was of 37.57% in 2016, 43.26% in
2017, and 45.03% in 2018.

Below the Casuarina canopy, the specific richness was 24, 29, and 33 species in 2016, 2017, and
2018, respectively. Outside of the canopy, the specific richness was 21, 22, and 24 species in 2016,
2017, and 2018, respectively (Table 5). In 2016, the below-canopy Shannon index (H’) and evenness
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(E) were of 1.9 and 0.41, respectively. In 2017, an increase of Shannon index and evenness of 2.26 and
0.46, respectively, was observed, whereas outside of the Casuarina canopy, they were 1.67 and 0.38,
respectively. In 2018, a further increase of Shannon index and evenness was also observed (2.39 and
0.47) with the outside canopy indices being 2.05 and 0.44, respectively.

Table 5. Specific contribution dry biomass (Csib) below (BCC) and outside the Casuarina canopy (OCC).

BCC OCC

Csib Csib

Species 2016 2017 2018 2016 2017 2018

Dactylotenium aegyptium (L.) Willd 3.12 1.44 1.97 2.46 2.56 1.90

Schizachirium compressa (K. Schum.) Stapf 1.78 1.65 3.63 - - -

Schisachyrium rupestre (Stapf) Stapf - - - 1.87 1.21 0.56

Chloris prieuriiKunt 10.79 8.21 1.14 5.32 4.56 4.64

Chloris barbata (L.) Sw. - 10.29 5.43 - - -

Pennisetum polystachion (L.) Schul. - 2.30 5.99 3.97 4.75 3.08

Eragrostis tenella (L.) Beauv. 4.24 2.01 3.41 - - -

Eragrostis tremula Hochst. Ex Steud. 5.53 2.73 2.68 3.77 2.41 5.84

Eragrostis aspera (Jacq.) Nees. 3.48 4.44 3.30 - - -

Paspalum vaginatum (L.) 1.22 5.64 2.79 - - -

Aristida funiculata Trin. & Rupr. - 2.19 1.83 5.24 3.05 3.27

Aristida mutabilis Trin. & Rupr. - 1.22 4.04 - - -

Digitaria horizontalis Willd. 2.59 2.48 1.43 3.10 3.84 3.70

Brachiaria lata (Schumach.) C.E. Hubb. - 2.80 2.38 - - -

Sporobolus robustus Kunth. 12.97 4.40 7.80 4.45 8.07 4.21

Hibiscus rostellatus (Guill. & Perr.) 2.28 0.61 4.65 - - -

Hibiscus asper Hook. - - 0.83 - - -

Corchorus tridens L. 0.58 1.13 2.88 2.82 3.17 -

Sida alba L. 0.89 - - 4.17 3.35 4.96

Fuirena ciliaris (L.) Roxb. 0.53 - - 3.34 3.77 3.10

Cyperus esculentus L. 2.01 2.16 2.39 - 2.68 3.38

Cyperus bulbosus Vahl. 2.23 1.72 2.65 2.30 3.09 1.85

Amaranthus greacizans L. 0.94 1.69 1.20 3.89 3.77 2.68

Philoxerus vermicularis (L.) Sm. 9.31 9.59 4.36 8.42 8.82 5.46

Alysicarpus ovalifolius Schum. & Thonn. 1.35 0.74 0.43 - - 1.42

Pancratium trianthum Herb. - 2.17 3.80 - - -

Boerhavia repens L. 0.91 0.43 - 1.43 2.15 0.91

Scoparia dulcis L. - 1.37 0.97 3.97 4.67 3.91

Sphaeranthus senegalensis DC. 2.18 1.44 - 3.02 2.26 3.11

Sesuvium portulacastrum (L.) L. 13.35 12.22 6.57 16.44 11.99 7.61

Hygrophila senegalensis (Nees)T. Anderson 14.67 9.18 6.54 12.91 10.06 7.88

Spermacoce verticillata L. 1.24 2.23 4.01 2.66 2.00 2.20

Ipomoea coptica Willd. 1.80 1.51 2.35 4.45 7.76 2.98

Ipomoea sinuata Ort. - - 2.39 - - -

Indigofera berhautiana JB. Gillett. - - 1.44 - - 5.01

Indigofera linifolia (Lf) Retz. - - 1.23 - - 5.01

Melochia corchorifolia L. - - 1.10 - - -
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The Jaccard similarity index between below and outside the Casuarina canopy surveys was 0.69 in
2016. A decrease of this index to 0.59 and 0.54 in 2017 and 2018, respectively, was observed (Figure 3a).
Below the Casuarina canopy, the Jaccard similarity index varied from 0.62 between 2016 and 2017, to
0.55 between 2016 and 2018 and 0.82 between 2017 and 2018 (Figure 3b).
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Figure 3. Jaccard similarity index (a) between below and outside the Casuarina canopy surveys in
2016, 2017, and 2018 (b) Jaccard similarity index below Casuarina canopy between the years 2016–2017,
2016–2018, and 2017–2018.

NMDS was used to explore variation among species below and outside Casuarina canopy as
a function of the years. Floristic differences were observed between the surveys conducted on
below-canopy species in 2017–2018 as well as outside Casuarina canopy in 2016–2017 and 2018
(Figure 4).

31



Diversity 2020, 12, 293

Figure 4. Non-metric multidimensional scaling (NMDS) ordination of species composition below
Casuarina canopy (BBC) and outside Casuarina canopy (OCC) in 2016, 2017, and 2018.

3.5. Effect of Casuarina Species on Herbaceous Biomass in Saline Conditions

The results obtained showed a significant difference in biomass production below the Casuarina
canopy in 2017 and 2018 (0.60 ± 0.18 t.MS/ha and 0.78 ± 0.14 t.MS/ha, respectively) compared to 2016
(0.39 ± 0.17 t.MS/ha). There is no significant difference in the biomass production outside the Casuarina
canopy between 2016, 2017, and 2018 (Figure 5). Below the Casuarina canopy, biomass was significantly
higher compared to outside the Casuarina canopy biomass in 2017 and 2018.

c

b

a

c c
c

0

0.2

0.4

0.6

0.8

1

2016 2017 2018 2016 2017 2018

BCC OCC

Bi
om

as
s (

t.D
B/

ha
)

Figure 5. Inter-annual variation of biomass (BCC) below the Casuarina canopy (OCC) and outside the
Casuarina canopy. Lower-case letters (a–c) indicate significant differences between the years 2016, 2017,
and 2018 for each condition.
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3.6. Specific Contribution of Dry Biomass below and outside the Casuarina Canopy

In 2016, the predominant species in terms of dry biomass production were Hygrophila senegalensis
(14.64%), Sesuvium portulacastrum (13.35%), and Sporobolus robustus (12.97%). Outside the Casuarina
canopy, the largest contributions towards dry biomass came from Sesuvium portulacastrum (16.44%)
and Hygrophila senegalensis (12.91%). In 2017, the greatest biomass production was provided by
below-canopy species Sesuvium portulacastrum (12.22%), Chloris barbata (10.29%), and Hygrophila
senegalensis (9.18%). Outside the Casuarina canopy, the species Sesuvium portulacastrum (11.99%) and
Hygrophila senegalensis (10.06%) provided the greatest dry biomass. By 2018, the largest biomass
producers below the Casuarina canopy were Sporobolus robustus (7.80%), Sesuvium portulacastrum
(6.57%), Hygrophila senegalensis (6.54%), and Pennisetum polystatachion (5.99%). Outside of the Casuarina
canopy, biomass was greatest from Sesuvium portulacastrum (7.88), Hygrophila senegalensis (7.61%), and
Eragrostis tremula (5.84%) (Table 5).

4. Discussion

Data provided in this study confirm that both C. glauca and C. equisetifolia can grow in saline
soils. A soil is considered to be salty if it contains a minimum of 40 mM NaCl [28]. However, in
our study area, the salt concentration of the soil can be 500 mM or higher during the dry season. It
has been shown that Casuarina glauca, Casuarina obesa, and Casuarina equisetifolia will survive up to
500 mM NaCl if grown in a hydroponic medium supplemented with adequate nitrogen [19]. However,
under field conditions, other factors such as drought, temperature, and the presence of other toxic ions,
such as Mg2+, SO4

2−, HCO3−, and CO3
2−, can have negative effects on plant growth and survival [1].

In our study, the highest survival rates in both C. glauca and C. equisetifolia occurred in plants that
had been inoculated with either Frankia or and co-inoculated with Frankia and Rf. These results
show the importance of inoculation with AMF (R. fasciculatus) and/or nitrogen-fixing bacteria (Frankia)
in improving Casuarina salt tolerance, especially in reducing post-transplant stress [7,17] and wood
production. We did note, however, a decline in survival rate of C. glauca in the third year of this
study. This could be linked to competition between the inoculum with native strains [29]. However,
significant plant mortality could be related to the extreme sodium levels in the dry periods and periodic
waterlogging observed at certain points in the plantation.

The effects of co-inoculation (AMF/Frankia) on plant growth under salt stress conditions under field
conditions are poorly documented. However, similar results have been obtained under greenhouse
conditions by the work of Soliman et al. [30], Ashrafi et al. [31], and Ren et al. [32] on the positive effect
of co-inoculation with nitrogen-fixing bacteria and arbuscular mycorrhizal fungi on the development
of Acacia saligna, Medicago sativa, and Sesbania cannabina plants at 250, 180, and 200 mM, respectively.

The increased height of plants co-inoculated with Frankia and arbuscular mycorrhizal fungi (AMF)
could be explained by their facilitation in absorption of and control in levels of mineral elements. For
example, selective absorption of ions, such as phosphorus, nitrogen, and magnesium and reduced
absorption of Na+ ions [33]. This selective ionic uptake reduces ionic imbalances and the antagonistic
effects between ions [32] that often lead to nutritional problems caused by the saline conditions
exacerbated by water deficit stress.

In terms of the effect of C.glauca and C. equisetifolia on biodiversity of herbaceous vegetation in
the area, this was evident only four years (2017) after planting. There were no significant differences
between the two Cassurina species with respect to the biodiversity in this vegetation (Table A1).
The Shannon diversity indexes were 1.9, 2.26, and 2.39 bits in 2016, 2017, and 2018, respectively, below
the Casuarina canopy and 1.67, 1.76, and 2.05 bits outside the Casuarina canopy. This inter-annual
increase of the diversity could be explained by the presence of the tree, which gradually improves
soil porosity, promotes good drainage [34], maintains better activity by the microbial community, and
consequently increases the diversity of herbaceous vegetation. However, there is little data on the effect
of trees on the diversity of herbaceous vegetation in saline conditions. Studies by Trites and Baley [35]
showed a decrease in the richness of the plant community as a function of the salinity gradient and pH.
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Our opposite results could be related to the heterogeneity of the electrical conductivity in the soil due
to periodic waterlogging at some points of the plantation during rainy season.

Phosphorus (P) and nitrogen (N) are considered the most important elements in plant growth,
and paucity thereof is has been suggested to be the greatest limitation to plant growth in most
ecosystems [36]. Here, we show that the presence of Casuarina species results in increased phosphorus,
nitrogen, and carbon contents (Table 1). These results can be explained by the decomposition of
Casuarina litter that can improve soil fertility. The decomposition of Casuarina litter under semi-arid
conditions results in the release of many nutrients in the following order: Ca >N > K >Mg >Na > P >
Fe > Zn > Cu > Cr [37]. The Work of Hata et al. [38] suggests that decomposition of C. equisetifolia litter
can alter the total N and N cycle in invaded forest ecosystems.

A decrease in the Jaccard similarity index between the populations below and outside Casuarina
canopy over the successive years of this study (Figure 3) suggests differences in biological diversity
among the environments. The NMDS analysis also showed a difference in the floristic composition
between the surveys below Casuarina canopy in 2017–2018 and outside Casuarina canopy in 2016–2017
and 2018. This difference could be related to the beneficial effects of Casuarina species, which improve
soil fertility through nitrogen inputs [39] and create a microclimate favorable to the establishment of
herbaceous vegetation. These results can also be explained by the inter-annual presence of perennial
herbaceous plants capable of improving the physicochemical properties of the soil.

The beneficial effect of herbaceous plants on decreasing soil salinity has been observed by several
authors [40,41]. These herbaceous plants can improve leaching and interactions between soil chemical
properties supposedly restoring soil fertility. Our results confirm this proposal with significant increases
in carbon, nitrogen, and phosphorus levels occurring 3 years after planting.

A better herbaceous vegetation coverage was obtained below the Casuarina canopy (67.48% and
71.95% in 2017 and 2018, respectively) compared to that outside the canopy (43.26% and 45.03 in 2017
and 2018, respectively). This positive effect could be due to the presence of certain herbaceous plants
capable of symbiosis with nitrogen-fixing endophytes. This has been reported for Sporobulus robustus
with Rhizobium bacteria [15] and Leptochloa fusca with Azoarcus bacteria [42]. In turn, these can be
considered pioneering species that improve soil fertility and encourage the establishment and growth
of other herbaceous species.

The species that contributed most to the coverage of the plantation were S. portulacastrum and
S. robustus, while outside the Casuarina canopy, S. portulacastrum and Philoxerus vermicularis were
dominant. Ravindran et al. [43] have shown that S. portulacastrum and S. maritima accumulate salt in
their tissues with a corresponding reduction thereof in the soil. It is estimated that these two halophytes
could remove 474 and 504 kg of NaCl, respectively, per ha over a 4 month period. Our results similarly
showed a decrease in soil salt concentration 3 years after establishment of the plantation. This in turn
suggests that at least some of these herbaceous plants are able to reduce NaCl in the environment
and make conditions more favorable for growth of Casuarina species by inter alia improving soil
water availability. Grouzis and Akpo [44] have shown that in arid environments, the presence of trees
improves biomass of other plants in their vicinity. The same could be true under saline environments.
We have shown an increase in herbaceous biomass in association with the presence of Casuarina species,
which in turn could promote the incorporation of organic biomass and facilitate salt leaching, especially
Na+ by rain.

5. Conclusions

C. equisetifolia and C. glauca species can be grown in saline conditions, albeit with some limitations
related to the increase in salt concentration in the dry season and waterlogging conditions in the
rainy seasons. Inoculation with AMF and Frankia increased plant growth during 3 years of planting.
The Casuarina plantation had a positive effect on the diversity of herbaceous vegetation in salty
conditions after 5 years of planting. Salt-grasses that have a greater contribution to coverage can be
used to improve soil drainage and reduce salt concentration in future rehabilitation programs.
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Figure A1. Rainfall data from the Fatick region (Senegal) over the period 1921–2016.

Table A1. Two-way ANOVA analysis of plant species, inoculation, and their interactions with height,
collar diameter, survival rate, specific contribution presence, and dry biomass.

Height Collar Diameter Survival Rate Specific Contribution Presence Dry Biomass

Species ** ns * ns ns
Inoculation *** ns ** ns ns

Species× Inoculation ns ns ns ns ns

ns, no significant difference; *, ** and *** indicate significant difference at p < 0.1, 0.05, 0.01, and 0.001, respectively.
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Abstract: Arbuscular mycorrhizal fungi (AMF) establish symbiotic associations with most terrestrial
plants. These soil microorganisms enhance the plant’s nutrient uptake by extending the root absorbing
area. In return, the symbiont receives plant carbohydrates for the completion of its life cycle. AMF also
helps plants to cope with biotic and abiotic stresses such as salinity, drought, extreme temperature,
heavy metal, diseases, and pathogens. For abiotic stresses, the mechanisms of adaptation of AMF to
these stresses are generally linked to increased hydromineral nutrition, ion selectivity, gene regulation,
production of osmolytes, and the synthesis of phytohormones and antioxidants. Regarding the biotic
stresses, AMF are involved in pathogen resistance including competition for colonization sites and
improvement of the plant’s defense system. Furthermore, AMF have a positive impact on ecosystems.
They improve the quality of soil aggregation, drive the structure of plant and bacteria communities,
and enhance ecosystem stability. Thus, a plant colonized by AMF will use more of these adaptation
mechanisms compared to a plant without mycorrhizae. In this review, we present the contribution of
AMF on plant growth and performance in stressed environments.

Keywords: AM fungi; plant; abiotic stress; biotic stress

1. Introduction

Arbuscular mycorrhizal fungi (AMF) are soil microorganisms that form a symbiotic relationship
with 80–90% of vascular plant species and 90% of agricultural plants [1], including most agricultural
crops, particularly cereals, vegetables, and horticultural plants. They have a ubiquitous distribution
in global ecosystems that are primarily defined by the global distribution of known plant hosts [2,3].
AMF are classified as a member of subkingdom Mucoromyceta and the phylum Glomeromycota including
three classes (Glomeromycetes, Archaeosporomycetes, and Paraglomeromycetes [4]). AMF belong to 11
families, 25 genera, and nearly 250 species [5,6]. Glomeromycota are obligate symbionts that rely on
the carbon substrates provided by their host plants (up to 20% of plant-fixed carbon) to survive [7,8].
In return, the fungi improve the supply of water and nutrients, such as phosphate and nitrogen to the
host plant through extraradical and intraradical hyphae, arbuscules, and the root apoplast interface [9].
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Based on fossil records and molecular data, this symbiosis dates back to the first appearance of land
plants, about 400 to 450 million years ago [1]. The Arbuscular mycorrhizal (AM) symbiosis is probably
the most widespread beneficial interaction between plants and microorganisms [9]. Several studies
have reported that they play a crucial role in plant nutrition and growth in stressed conditions and
enhance a number of essential ecosystem processes [7,10].

The purpose of this review is to summarize knowledge about AM associations, in particular the
beneficial effects on host plants and soil. First, the role of AMF in plant nutrition, growth, and resistance
to biotic and abiotic stress is considered. The indirect contribution of AMF in soil aggregation and
stability is discussed. Finally, the diversity of interactions between AMF and other soil microorganisms
are examined (Figure S1).

2. Contribution of Arbuscular Mycorrhizal Fungi to Plant Nutrition and Growth

Among beneficial microbes, AMF are one of the most widespread symbiotic fungi colonizing
the majority of agricultural plants [11]. The effects of AMF on plant growth and physiological
elements contents have been widely studied in many species including relevant crops such as Solanum
lycopersicum L. [12,13], Sorghum bicolor (L.) Moench [10,14], Withania somnifera (L.) Dunal [15], Cucurbita
maxima Duchesne [16], Piper longum L. [17], Phaseolus vulgaris L. [18], Panicum hemitomon Schult [19],
and some free fruits such as Citrullus lanatus (Thunb.) Matsum. & Nakai [20], Musa acuminata Colla [21],
and Prunus cerasifera L. [22]. In all these species, AMF improved plant growth parameters [10,12–15,17]
and the uptake of several major nutrients such as nitrogen and phosphorus in stressed conditions [23,24].
This growth stimulation is linked to the fact that AMF extends the absorbing network beyond the
nutrient depletion zones of the rhizosphere, which allows access to a larger volume of soil [25].
Furthermore, fungal hyphae are much thinner than roots and are able to penetrate smaller pores and
uptake more nutrients [26].

By extending the root absorbing area, AMF increases the total absorption surface of inoculated
plants and thus improves plant access to nutrients, particularly those whose ionic forms have a
poor mobility rate or those which are present in low concentration in the soil solution [1]. It is
calculated that the rate of water transport from external hyphae to the root ranges from 0.1 [27] to
0.76 μL H2O h−1 per hyphal infection point [28]. Furthermore, AMF contributes approximately 20% to
total plant water uptake [29], highlighting the role of the symbiosis in the water status of host plants.
AMF significantly improved Cucurbita maxima growth and metabolism, such as the concentrations
of fat, crude protein, crude fiber, and carbohydrates in shoot and root systems of inoculated plants
compared to control treatment [16]. Inoculation with this fungus significantly increased plant growth
as well as phytochemical constituents such as sugar, protein, phenol, tannin, and flavonoid content [15].
In watermelon (Citrullus lunatus Thunb.), mycorrhizal colonization was found to improve not only
the plant yield and water use efficiency but also the quality of the fruits [30]. Similar results were
obtained in mycorrhizal tomato plants with an increase in the concentrations of sugars, organic
acids, and vitamin C in fruits [12]. It has been demonstrated by [31] that AMF improved peach
seedlings’ performance under the potted conditions, and also significantly elevated K, Mg, Fe, and
Zn concentrations in leaves and roots, Ca concentration in leaves, Cu and Mn concentrations in roots,
which were obviously dependent on the AMF species. Compared to three AMF ([Funneliformis mosseae
(T.H. Nicolson & Gerd.) C. Walker & A. Schüßler 2010, Glomus versiforme (P. Karst.) S.M. Berch 1983,
and Paraglomus occultum (C. Walker) J.B. Morton & D. Redecker 2001), F. mosseae exhibited the best
mycorrhizal efficiency on growth and nutrient acquisition of peach seedlings [31]. Compared to
uninoculated plants, AMF inoculation had positive effects on the growth of carrot and sorghum [14].
In carrot, Scutellospora heterogama (T.H. Nicolson & Gerd.) C. Walker & F.E. Sanders 1986, Acaulospora
longula Spain & N.C. Schenck 1984, and F. mosseae had a positive effect on the growth of the host,
whereas AMF had only weak effects on the growth of red pepper and leek [14].

Therefore, it is important to mention that the extent to which a host plant benefits vary with the
AMF species used [14]; and macro and micro-nutrients uptake could depend partly not only on the
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fungal partner but also on the host plant [32]. A study carried out by [33] indicates that the contribution
of the mycorrhizal pathway to nutrient acquisition also depends on fungal effects on the activity of
the plant pathway and on the efficiency with which both partners interact and exchange nutrients
across the mycorrhizal interface [34]. For various crops such as sweet potato [35] or pepper plant [17],
the beneficial effect on plant nutrient content has also been shown to be dependent on fungal diversity.

A similar positive effect was reported in sorghum with an enhancement of plant height, the number
of leaves, biomass, total nitrogen, phophorus and potassium uptake [10]. Although, among some
species of native AMF tested (Glomus aggregatum N.C. Schenck & G.S. Sm 1982, F. mosseae, Acaulospora
longula, and Acaulospora scrobiculata Trappe 1977) some species like Acaulospora scrobiculata are more
efficient for improvement of all these parameters in sorghum [10]. The effect of an AMF, F. mosseae
was examined regarding the morphological and biochemical properties of different genotypes of
the medicinal plant W. somnifera, commonly called Ashwagandha [15]. In addition, several studies
reported that the responses of plants to colonization by AMF vary depending on inoculum composition,
and a combination of mycorrhizal fungi is more effective than a monospecific inoculum [10,14,17,18].

AMF colonization by F. mosseae or R. intraradices (N.C. Schenck & G.S. Sm.) C. Walker & A.
Schüßler 2010) increased both the survival and growth (by over 100%) of micropropagated transplants
of Prunus cerasifera L., compared with either uninoculated controls or transplants inoculated with
the ericoid mycorrhizal species Hymenoscyphus ericae (D.J. Read) Korf & Kernan 1983 [22]. Thus,
inoculation of woody species’ seedlings under nursery conditions is a valuable strategy to produce
seedlings with good vigor, which would translate into high survival and growth at the field [36–38].

AMF play an important role in biofortification [39,40]. AMF inoculation may affect selenium
uptake from soil and the level of antioxidant compounds in vegetable crops such as the green asparagus
Asparagus officinalis L. Research carried out by [41,42] showed increasing selenium (Se) content in
wheat grain through inoculation. It has been found by [43] that AMF modifies the concentration and
distribution of nutrients within wheat and barley grain. Inoculation with AMF improves the grain
nutritional content in protein, Fe, and Zn [44]. Under distinct environmental conditions, [45] concluded
that AMF symbiosis positively affected the Zn concentration in various crop plant tissues. AMF can
contribute substantially to the Zn nutrition of cereal crops such as bread wheat and barley but the
role played by AMF on Zn uptake depends on the functional compatibility between AMF isolate and
inoculated cereal species [40].

It is well-known that AMF symbiosis specifically induces the expression of transporters such as the
plant aquaporin (AQ) genes, Pi transporters (PT), ammonium transporter (AMT), nitrate transporter
(NT), sulfur (S) transporter, Zn transporter, carbon transporter, protein transporter etc. [46–50].
In wheat plants treated with F. mosseae and R. intraradices Zn concentration is 1.13–2.76 times higher
than non-inoculated plants observed [51]. Further, it has been demonstrated that fungal form a
network called mycorrhizal networks (MNs) that improve nutrients transfer between plants through
the extension of fungal mycelium [52,53]. Also called common mycorrhizal networks, these MNs can
integrate multiple plant species and multiple fungal species that interact, provide feedback, and adapt,
which comprise a complex adaptive social network [52]. Results obtained by [54] confirm the role of
AMF in driving biological interactions among neighboring plants.

3. Role of Arbuscular Mycorrhizal Fungi in Alleviation of Abiotic Stresses in Plants

AMF respond differently to abiotic stresses such as drought, flooding, extreme temperatures,
salinity, and heavy metals [55–58]. Studies carried out by [59] showed that AMF communities would
change in composition in response to abiotic stress [59]. These stresses reduce AMF diversity and alter
AMF community composition resulting in an AMF community with a higher proportion of species
that are phenotypically similar, because they are more tolerant of that specific abiotic stress. Changes
in the diversity of AMF will feed back into the plant community and cause corresponding changes in
the diversity of plant species and productivity [60]. The feedback will become stronger with climate
change [61]. AMF will adapt to abiotic stress independently of its host plant. However, despite the
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negative effects of stresses on AMF, several studies have demonstrated that AMF symbiosis improves
plant growth, hydration, and physiology under various environmental stress conditions like salinity,
drought, and the presence of heavy metals [62,63]. Depending on the stress, the benefits of AMF to
plant partners can vary [64], and mycorrhizal fungal types vary in their responses to climate change.

3.1. AMF and Plant Drought Tolerance

Drought is one of the major stresses that can reduce plant productivity considerably [11].
Water constraints provoke stomatal closure with a subsequent reduction of CO2 influx resulting in a
decrease in photosynthetic activity and carbon partitioning [65] and a decrease in plant productivity
and agricultural yield. It has been demonstrated that AMF improves plant performance in drought
stress [66]. Table 1 shows the different effects of AMF on plants’ drought tolerance. Mycorrhizal plants
deal with water deficit through drought mitigation and drought tolerance [67]. A drought mitigation
strategy is mediated by indirect AMF benefits and enhanced water uptake, whereas drought tolerance
includes a combination of direct AMF benefits that improve the plant’s innate ability to cope with the
stress [11].

Through drought mitigation, the improvement of plant fitness by AMF is possibly due to the
increased surface area for water absorption provided by AMF hyphae [68], increased access to small soil
pores, or improved apoplastic water flow. Numerous studies have related the mechanisms of drought
mitigation [69–72]. It has been shown by [73] that in field-grown tomato plants, root colonization by the
AMF R. intraradices enabled plants to grow well under water stress conditions through an improvement
of nutrient contents and water use efficiency. These beneficial effects of AMF on tomato tolerance to
water stress have also been reported in several other plant species such as Lactuca sativa L. [74], Triticum
aestivum L. [75], Lavandula spica L. [76], Allium cepa L. [77], Trifolium repens L. [78], Pistacia vera L. [79],
Acacia auriculiformis A.Cunn. ex Benth, Albizia lebbeck (L.) Benth., Gliricidia sepium (Jacq.) Kunth ex Walp.
And Leucaena leucocephala (Lam.) de Wit [80].

Other mechanisms are involved in plant response to drought stress, among them, the production of
phytohormones. Hormone homeostasis regulates plant tolerance against abiotic stresses. Abscisic acid
(ABA) is the most fundamental stress hormonal signal, modulating transpiration rate, root hydraulic
conductivity, and aquaporin expression. ABA responses regulate stomatal conductance and other
related physiological processes [81]. ABA induces stomatal closure and reduces cell water loss.
Inoculation with AMF influences the control of stomata functioning by the regulation of abscisic
acid [81,82]. A lower ABA concentration was found in roots and leaves of mycorrhizal plants versus
nonmycorrhizal plants under drought stress [10,71,72]. It has been also demonstrated that Jasmonic
acid (JA) interacts with abscisic acid to regulate plant responses to water stress conditions [82]. JA can
mitigate water stress in plants [83]. This hormone is involved in the regulation of the expression and
the abundance of aquaporins and plays an important role in water uptake and transport, on stomate
and root hydraulic conductance.

Other mechanisms are involved in plant tolerance to drought. Among these mechanisms,
the osmotic adjustment that allows plants to maintain their turgor and physiological activity [11] by
accumulating compatible solute compounds such as sugars, proline, glycine betaine, polyamines,
and organic acids such as oxalate and malate. As described in saline conditions, drought stress induces
the production of reactive oxygen species (ROS) [84].

Other phytohormones, such as strigolactone and auxin, are involved in plant water stress
regulation [85]. It has been demonstrated that the inoculation with AMF strengthens strigolactone and
auxin responses to drought stress [74].
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Table 1. Contribution of AMF in helping plants to cope with drought stress.

Host Plants AMF Strains Responses Related to AMF Inoculation References

Zea mays L.
Solanum lycopersicum L.

Rhizophagus irregularis
(Błaszk., Wubet, Renker

& Buscot) C. Walker & A.
Schüßler 2010

Enhanced apoplastic water flow [69]

S. lycopersicum L. F. mosseae
R. irregularis

Increased plant height and biomass, intrinsic
water use efficiency (iWUE) index, stomatal
density, capacity to absorb CO2 and proline

concentrations, and reduced hydrogen peroxide,
leaf and root ABA contents

[71]

Lycopersicon. esculentum
L.

Glomus clarum T.H.
Nicolson & N.C. Schenck

1979

Improved leaf area, dry mass, stomatal
conductance, photosynthetic activity, and root

hydraulic conductivity
[72]

L. esculatum L. R. irregularis

Increased plant height, number of primary
branches, flowers, and fruits, shoot and root dry
matter, N and P contents, fruit yields, leaf relative
water content (RWC), water use efficiency (WUE)
and quality of fruits (less acidity and quantities

of ascorbic acid and total soluble solids)

[73]

S. lycopersicum
Lactuca sativa Linn. R. irregularis

Improved shoot dry weight, stomatal
conductance, photosystem II efficiency, ABA and

strigolactone contents
[74]

Triticum aestivum L. R. fasciculatus
F. mosseae

Enhanced stomatal conductance and leaf osmotic
adjustment [75]

Lavandula spica L. R. irregularis
F. mossea

Increased biomass, N, K and water contents, and
reduced antioxidant compounds (glutathione,

ascorbate and H2O2)
[76]

Allium cepa L. Glomus etunicatus W.N.
Becker & Gerd. 1977

Improved fresh and dry weights and phosphorus
nutrition [77]

Trifolium repens L. R. irregularis

Enhanced dry weight, nutrients content (P, K, Ca,
Mg, Zn and B), relative water content, proline

concentrations, and glutathione reductase
activity

[78]

Pistacia vera L. G. etunicatum

Increased shoot and root weights, leaf area, total
chlorophyll, and flavonoids contents, nutrient
concentrations (P, N, K, Ca, Fe, Zn, and Cu),
soluble sugar, proline, and soluble proteins

contents, CAT and POD activities

[79]

L. esculatum L.
Capsicum annuum L.

Rhizophagus irregularis
Rhizophagus fasciculatus
(Thaxt.) C. Walker & A.

Schüßler, 2010

Improved biomass, root length, shoot length, and
chlorophyll contents, and reduced proline

concentration
[86]

3.2. AMF and Plant Flooding Tolerance

Some AMF can also face other constraints, such as flooding [87]. In wetland ecosystems, [88] found
a higher diversity of the communities of AMF. In these conditions, AMF could greatly improve the
growth of plants through enhanced absorption of nutrient elements [89] (Table 2). These authors
found that a considerable amount of P was transported to rice plants via the mycorrhizal pathway
under wetland conditions. Results obtained by [90] indicate that AMF may assist Phragmites australis
(Cav.) Trin. ex Steud. in coping with a medium frequency of drying-rewetting cycles. Similar results
were found by [91], who showed the contributions to the flood tolerance of Pterocarpus officinalis Jacq.
seedlings by improving plant growth and P acquisition in leaves. It has been demonstrated by [92],
that the better growth of plants with mycorrhiza on flooding condition is linked to the improvement
of osmotic adjustment. Since AMF needs oxygen to thrive, flooding may inhibit AMF colonization,
and accordingly previous studies have found a decrease in the degree of AMF colonization with
flooding along wetland gradients [92]. Furthermore, results obtained by [93] have indicated that
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the distribution of AMF in tropical low flooding forest is related to the characteristics of vegetation,
chemical parameters of the soil and identity of the AMF.

Table 2. Contribution of AMF in helping plants to cope with flooding stress.

Host Plants AMF Strains
Responses Related to AMF

Inoculation
References

Panicum hemitomon
Schult.

Schultes
Leersia hexandra

Schwartz

Acaulospora trappei R.N. Ames &
Linderman 1976, Scutellospora

heterogama, A Acaulospora laevis
Gerd. & Trappe 1974,

Glomus leptotichum N.C. Schenck
& G.S. Sm 1982, G. etunicatum

and Glomus
gerdemannii S.L. Rose, B.A.

Daniels & Trappe 1979

Improve phosphorus (P) nutrition
Greater tissue P concentrations [19]

Pterocarpus officinalis
(Jacq.) Glomus intraradices Improve plant growth and P

acquisition in leaves [91]

Aster tripolium L. Glomus geosporum T.H. Nicolson
& Gerd.) C. Walker 1982

Higher concentrations of soluble
sugars and proline [93]

3.3. AMF and Plant Tolerance to Extreme Temperatures

Temperature is one of the most important environmental stresses that can negatively affect the
growth and productivity of plants [94]. It is well known that AMF improves plant performance to
tolerate temperature (heat and cold) [95] stress by enhancing water and nutrient uptake, improving
photosynthetic capacity and efficiency, protecting plants against oxidative damage, and increasing
the accumulation of osmolytes [96] (Table 3). At low or high temperatures, it was reported that
shoot and dry root weights of mycorrhizal plants were higher than non-mycorrhized plants [97].
At high temperature, AMF help plants to develop their root system for absorption of water to ensure
high photosynthetic capacity and to prevent the photosynthetic apparatus from being damaged [98].
Regarding cold stress, [99] showed that G. versiforme was often more effective than R. irregularis for the
alleviation of low-temperature stress in the winter and the spring cultivars, whereas R. irregularis was
more effective in increasing the survival rate. For these authors, the response to cold stress depends
on the AMF strains. At low-temperature conditions, the inoculation of Barley (Hordeum vulgare
L.) with AMF resulted in improved growth, photosynthesis, osmotic homeostasis and potassium
uptake [99]. However, extremely low and high temperatures reduced AMF fungal growth inhibited
the formation of the extra radical hyphal network and AMF fungal activity. AMF may, therefore, play a
key role in the mitigation of climate change [100], such as tolerance to a wider range of temperatures.
AMF also improves the reduction of N2O emissions by enhancing N uptake and assimilation by
plants. Consequently, as a result, the soluble N in the soil decreases and it can negatively affect the
denitrification process [100,101]. However, seasonal and climate changes, including temperature
fluctuations, can affect the temporal structuring of AMF communities [102].
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Table 3. Contribution of AMF in helping plants to cope with extreme temperatures stress.

Host Plants AMF Strains
Responses Related to AMF

Inoculation
References

Cucumis sativus L. R. irregularis

Increases the photosynthetic efficiency
of cold-stressed cucumber seedlings
by protecting their photosynthetic
apparatus against light-induced

damage and increasing their
carbon sink.

[51]

Zea mays L. Funneliformis (Glomus)
species.

Regulated photosystem (PS) II
heterogeneity [98]

Hordeum vulgare L. G. versiforme
R. irregularis

Increasing the survival rate,
alleviation of low-temperature stress [99]

Cyclamen persicum Mill. R. fasciculatum

Enhanced biomass production and
heat stress response

Increase activity of antioxidative
enzymes such as superoxide

dismutase and ascorbate peroxidase

[103]

Elymus nutans Griseb. F. mosseae

Less oxidative damage
Promoted plant growth and enhanced

the level of chlorophyll and
antioxidant compounds such as
glutathione and soluble sugars

[104]

3.4. AMF and Plant Tolerance to Salinity

AMF have been known to occur naturally in saline environments [105,106]. Their contribution to
the improvement of the growth of several plant species under saline conditions is well known [107,108]
(Table 4). This is mainly related to a combination of biochemical, physiological, and nutritional
effects [97,109–116]. Among the mechanisms involved in salinity tolerance in AMF inoculated plants,
we have the enhancement of water absorption capacity and nutrient uptake, the accumulation of
osmoregulators like proline and sugars [105], the ionic homeostasis [87,117], and the reduction in
Na+ and Cl− uptake [118]. In addition, it has been demonstrated that AMF colonization improves
stomatal conductance and reduces the oxidative damage in plants exposed to salinity [112,119,120].
For example, inoculation with F. mosseae of tomato plants irrigated with saline water significantly
increased plant biomass, fruit fresh yield, and shoot contents of P, K, Cu, Fe, and Zn [121]. In another
study, plant root colonization with this same AMF decreased Na concentration and enhanced the
activity of various enzymes related to the mitigation of salt stress [97]. Similar results were reported
for cereals such as wheat [112] and maize [119]. Under salt-stressed conditions, [116] showed that
AMF inoculation significantly reduced the oxidative damage in wheat plants. They also reported
higher gas exchange capacity, stomatal conductance, and concentrations of sugars, free amino acids,
proline, and glycinebetaine in plants colonized by AMF [116]. Zea mays plants inoculated separately
with three native AMF showed better biomass production and higher shoot potassium and proline
contents, as compared to non-mycorrhizal plants [119]. It has also been demonstrated that AMF
alleviates the deleterious effects of salt on plants growth in Acacia species [109,122,123]. This is mainly
related to greater nutrient acquisition, total chlorophylls, carbohydrates, and proline contents elevated
K/Na ratios in root and shoot tissues, and changes in root morphology [109,124] in mycorrhizal plants
as compared nonmycorrhizal plants. These results were more significant when salt-stressed plants
were co-inoculated with selected rhizobium strains, ectomycorrhizal fungi and/or endophytic bacteria,
in addition to AMF [86,123,125]. Nevertheless, it should be mentioned that in studies where different
strains were tested, the extent of AMF response on plant growth as well as root colonization varied
with fungal species, and with the level of salinity [126]. These authors found that AMF differ in their
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effects on Chrysanthemum morifolium Ramat. plants under saline conditions and Diversispora versiformis
(P. Karst.) was the most active than F. mosseae. Regarding ions homeostasis, AMF improve ionic balance
by filtering effect of AMF structures both in the soil and in the root that prevents the entry of toxic Na+

ions [107,124].

Table 4. Contribution of AMF in helping plants to cope with salinity stress.

Host Plants AMF Strains Responses Related to AMF Inoculation References

Lycopersicon esculentum L. F. mosseae

Increased plant growth, fruit weight, and yield,
chlorophyll content, concentrations of P and K,

antioxidant enzymes activities (SOD, CAT,
POD, and APX), and reduced Na concentration

in leaves

[97]

Capsicum annuum L. R. irregularis
Increased leaf area, mineral content, proline,

sugars, and cell membrane integrity, and
reduced shoot content of Na

[106]

Acacia auriculiformis A.
Cunn. ex Benth.

R. fasciculatus
Glomus macrocarpum Tul. & C. Tul.

1845

Increased root and shoot weights, and greater
nutrient acquisition, changes in root

morphology, and electrical conductivity of
the soil

[109]

Solanum lycopersicum L. R. irregularis

Enhanced shoot and root dry weights,
chlorophyll and proline concentrations,
nutrient uptake (P, Ca, and K), stomatal

conductance, the activity of ROS scavenging
enzymes (APX, CAT, POD, and SOD) and
protecting photochemical processes of PSII

[111]

Triticum aestivum L. G. etunicatum
F. mosseae R. irregularis

Increased plant growth, nutrient uptake and
grain yield, and reduced concentrations of Na+

and Cl−
[112]

Zea mays L.

R. irregularis (isolate EEZ 58)
R. irregularis (Ri CdG)

S. constrictum (Trappe) Sieverd.,
G.A. Silva & Oehl 2011 (Sc CdG)
Claroideoglomus etunicatum (W.N.
Becker & Gerd.) C. Walker & A.

Schüßler, 2010 (Ce CdG) (Ce CdG)

Improved K+ and Na+ homeostasis, shoot and
root dry weights, K concentration in shoots,
and reduced Cl and Na contents in shoots

[119]

Digitaria eriantha Steud. R. irregularis

Increased stomatal conductance, antioxidant
enzymes activities (CAT et APX), jasmonate

content, and reduced root and shoot hydrogen
peroxide accumulation

[120]

Lycopersicon esculentum
Mill. Cv. Marriha F. mosseae

Improved plant biomass, fruit fresh yield and
shoot contents of P, K, Cu, Fe and Zn, and

reduced shoot Na concentrations
[121]

Acacia nilotica Willd. R. fasciculatum
Improved root and shoot biomass, and nutrient

concentrations (P, Zn, K, and Cu), and Na
concentration

[122]

Acacia saligna (Labill.)
H.L. Wendl. AMF

Improved plant growth and dry weight,
nodulation parameters, chlorophylls,

carbohydrates, proline and nutrient contents
(N, P, K and Ca) and reduced Na concentrations

[123]

Acacia auriculiformis
Acacia mangium R. irregularis Enhanced plant growth and nodulation, and

nutrient contents (P, N) [125]

Gossypium arboreum L. F. mosseae (isolate GM1)
F. mosseae (isolate GM2)

Increased biomass and phophorus
concentrations [127]

Cucumis sativus L.
C. etunicatum
R. irregularis

F. mosseae

Enhancing the biomass, synthesis of pigments,
activity of antioxidant enzymes, including
superoxide dismutase, catalase, ascorbate

peroxidase, and glutathione reductase, and the
content of ascorbic acid

Enhancing jasmonic acid, salicylic acid and
several important mineral elements (K, Ca, Mg,

Zn, Fe, Mn, and Cu)
Reducing the uptake of deleterious ions

like Na+

[128]
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Table 4. Cont.

Host Plants AMF Strains Responses Related to AMF Inoculation References

Glycine max L. Merrill
C. etunicatum
R. irregularis

F. mosseae

Protected soybean genotypes from salt-induced
membrane damage

Reduced the production of hydrogen peroxide
and lipid peroxidation

Improved plant growth and symbiotic
performance by stimulating the endogenous

level of auxins that contribute to improved root
systems and nutrient acquisition under

salt stress

[129]

3.5. AMF and Plant Tolerance to Heavy Metals

Mining sites and polluted sites with heavy metal contain AMF that are specifically adapted to soil
pollution by heavy metals [130,131].

Numerous studies showed that more than 80% of surveyed plants growing on mining sites are
colonized by AMF, and a great number of AMF species and a large AMF diversity exist in various
mining-impacted sites [131]. These authors summarized studies that showed that AMF exhibit
significant positive effects, such as increased plant survival, enhanced growth and nutrition, improved
soil structure and quality, and greater plant re-establishment.

Several studies revealed that mycorrhiza could be used as a stress-reducing agent in soils
contaminated by heavy metals helping plants to survive in such stressed conditions [24,41,86,132–135]
(Table 5). Heavy metal remediation by AMF can happen through hyphal “metal binding”, which reduces
the bioavailability of elements, such as Cu, Pb, Co, Cd, and Zn [136]. The alleviation of heavy metal
toxicity by AMF depends on the fungal partner, plant growth conditions, the type of heavy metal,
and its concentration [130]. Inoculation with AMF showed the best results in terms of percentage
of seed germination, the sustainability of seedlings, fresh weight, and dry weight of plants. In two
different heavy metal-polluted soils, root colonization of maize plants with Glomus isolates reduced
heavy metal concentrations in shoots and roots, and increased the contents of essential elements
like K, P, and Mg in roots [133]. This result was more significant in maize plants colonized with the
Glomus isolate Br1 from Viola calaminaria (DC.) Lej. (zinc violet) compared with plants grown with a
common Glomus strain or to non-colonized controls. These authors also reported distinct differences
in the cellular distribution of heavy metals and essential elements in mycorrhiza compared with the
non-colonized control roots, suggesting that AMF might cope with heavy metal toxicity for each
metal individually [133]. When maize was grown in soil contaminated with Cd, AMF inoculation
significantly increased growth and reduced Cd uptake, suggesting that AMF can be used in association
with plants for the mitigation of heavy metal such as Cd in soils [137]. AMF expressed some metal
transporters that play a crucial role in heavy metal regulation. In recent years, several Zn transporters
were identified in AMF, such as GintZnT1 from R. irregularis [138]. Several putative genes coding for
Cu, Fe, and Zn transporters have been also identified [139]. These transporters could be involved in
heavy metal tolerance in plants inoculated by AMF.

Table 5. Contribution of AMF in helping plants to cope with heavy metals stress.

Host Plants AMF Strains Responses Related to AMF Inoculation References

Trigonella foenum-graceum L. F. mosseae Better plant performance [132]

Zea mays L. Glomus isolates

Improved dry weight and contents of
essential elements (K, P, and Mg), and distinct

differences in the cellular distribution of
heavy metals and essential elements

[133]

Lonicera japonica Thunb. G. versiforme R.
intraradices

Decreased Cd concentrations in shoots and
roots,

Reduced Cd concentrations in shoots but
increased Cd concentrations in roots

[140]
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Table 5. Cont.

Host Plants AMF Strains Responses Related to AMF Inoculation References

Solanum lycopersicum L.

F. mosseae (syn. Glomus
mosseae),

R. intraradices (syn.
Glomus intraradices)
C. etunicatum (syn.
Glomus etunicatum)

AMF reduced the production of
malonaldehyde and hydrogen peroxide by

mitigating oxidative stress. AMF
strengthened the plant’s defense system and
provide efficient protection against Cd stress

[141]

Populus alba Villafranca
Populus nigra Jean Pourtet F. mosseae or R. irregularis Alleviation of Cu and Zn phytotoxicity [142]

Trifolium pratense L. Glomus mosseae Decreases in Zn uptake and in root and shoot
concentrations [143]

4. Role of AM Fungi in Alleviation of Biotic Stresses in Plants

The role of microsymbionts in the management of biotic stresses is gaining importance. Numerous
studies have proven that AMF reduces the damage caused by various plant pathogens [144–146]
(Table 6). For example, studies carried out by [147] demonstrate that the severity of charcoal
root-rot disease in soybean can be reduced by AMF inoculation. In the presence of Fusarium,
arbuscular colonization increased shoot dry weight [144]. Colonization by AMF has a protective
effect termed mycorrhiza-induced resistance (MIR) [146,148,149], which provides systemic protection
against a wide range of attackers and shares characteristics with systemic acquired resistance
(SAR) after pathogen infection and induced systemic resistance (ISR) following root colonization by
non-pathogenic rhizobacteria [150]. This mycorrhiza-induced resistance to diseases was described
by [150]. These authors showed that AMF increases the production of antioxidant enzymes in
plants, which can act as a defense against pathogens and other stresses. In addition to the activation
of plant defense mechanisms, several other reasons for reduced damage of pathogens by AMF
have been reported such as improved nutrient status of the host plant, change in root growth and
morphology, competition for colonization sites and host photosynthates, and microbial changes in the
mycorrhizosphere [144,151,152]. The improvement of plant growth may have a positive effect because
mycorrhizae can facilitate the regrowth of tissues after attacks. However, it may have negative effects
because as plant nutrition improves, it becomes more nutritive or attractive to herbivore insects [153].
The contribution of AMF in the protection of plants against pathogenic fungi and nematodes is
well documented. Although, it should be mentioned that the effectiveness of the interactions varies
depending on the host plant and the cultural system [5]. The colonization of tomato roots by F. mosseae
induced systemic resistance against both the sedentary nematode Meloidogyne incognita (Kofoid &
White, 1919) and the migratory nematode Pratylenchus penetrans (Cobb, 1917) Filipjev & Schuurmans
Stekhoven, 1941 [144]. The presence of this AMF reduced nematode infection by 45% and 87% for
M. incognita and P. penetrans, respectively, in AMF-colonized plants as compared to controls. Further
studies carried out on root exudates have shown that the reduction of nematode infection in mycorrhizal
plants is probably related to an alteration of their root exudates by AMF [154]. Indeed, the application of
mycorrhizal root exudates further reduced nematode penetration in mycorrhizal plants and temporarily
paralyzed nematodes, in comparison with the application of water or non-mycorrhizal root exudates.
Root colonization by F. mosseae caused also a reduction in galling, nematode reproduction and
morphometric parameters of females in tomato plants inoculated with Meloidogyne javanica (Treub,
1885) [151]. Regarding pathogenic fungi, mycorrhizal inoculation with F. mosseae significantly alleviated
tomato diseases caused by Alternaria solani (Ellis & G. Martin) L.R. Jones & Grout 1896 and Fusarium
oxyspoum Fusarium oxysporum Schltdl. 1824, respectively [155–157]. This beneficial effect was more
pronounced when plants were inoculated with AMF and sprayed with hormonal inducers (Jasmonic
acid and Salicylic acid), suggesting a synergistic and cooperative effect between them leading to an
enhanced induction and regulation of disease resistance [156]. These beneficial effects of AMF have
also been reported in potato [158] and chickpea [152] infected with pathogens.
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In contrast to the well-known effect on pathogenic nematodes and fungi, there are relatively few
studies on the impact of AMF on herbivore insects [159,160]. The meta-analysis conducted by [159] on
the published and unpublished studies on this topic revealed that the effects of mycorrhizal fungi on
herbivore insects varied depending on the parameter measured and the degree of herbivore feeding
specialization. Some AMF like R. intraradices tended to have a negative effect on chewer performance,
as opposite to other fungal species studied [159]. For example, in Plantago lanceolate L., mycorrhizal
infection increased the resistance of leaves to the chewing insect Arctia caja (Linnaeus, 1758), while the
performance of the sucking insect Mysus persicae (Sulzer) was greater on mycorrhizal plants [161].
It has been shown by [160] that parasitism of Chromatomyia syngenesiae by Diglyphus isaea (Walker,
1838) was lower on mycorrhizal plants, while in the laboratory the effects of three species of AMF on
parasitism rates were dependent on the species of AMF [160].

Among biotic constraints that mostly affect productivity in developing countries is the African
witchweed Striga (hereafter, referred to as “Striga”), mainly in sub-Saharan Africa. This parasitic
plant is a socioeconomic problem that has forced many poor farmers to abandon their farms due
to high infestation rates [162]. Soil microorganisms including AMF can inhibit or suppress Striga
germination [163]. AMF can affect the interaction between Striga and cereals [164]. These authors
showed that AMF negatively impacted Striga seed germination, reduced the number of Striga seedlings
attaching and emerging, and delayed the emergence time of Striga. Studies carried out by [165]
confirmed the effectiveness of AMF in protecting sugarcane against Striga infestation as well as
promoting crop growth and reducing the soil Striga seed bank. By doing so, AMF enhanced the
performance of the plant host, allowing it to better withstand Striga damage [164].

Table 6. Contribution of AMF in helping plants to cope with several biotic stresses.

Host Plants
Disease or
Pathogen

AMF Strains Responses Related to AMF Inoculation References

Solanum
lycopersicum L. M. incognita F. mosseae

Induced systemic resistance against both the
sedentary nematode Meloidogyne incognita
and the migratory nematode Pratylenchus

penetrans

[144]

L. esculentum Fusarium oxysporum
f. sp. lycopersici Glomus sp.

Production of antimicrobial compounds from
the mycorrhizal root that arrested the

mycelial growth of the fungal pathogen
Reduced the disease incidence

Increased the plant growth, dry weight, N, P,
K content, chlorophyll content and yield of

the plant

[145]

Glycine max (L.)
Merr.

Macrophomina
phaseolina (Tassi)

Goid 1947
R. irregularis Improve plant height and the number of

functional leaves [147]

Solanum
lycopersicum L.

M. javanica F. mosseae
Caused also a reduction in galling, nematode
reproduction and morphometric parameters
of females in tomato plants inoculated with

[151]

Alternaria solani
Sorauer 1896

Fusarium oxysporum
F. mosseae Alleviated tomato diseases [155,156]

Saccharum
officinarum L.

Striga hermonthica
Del Benth 1836

G. etunicatum,
Scutellospora fulgida
Koske & C. Walker
1986, G. margarita

Stimulated plant growth, plant biomass and
physiological parameters of plants in the

presence of Striga
[165]

Solanum
lycopersicum L.

Cladosporium
fulvum Cooke 1883 F. mosseae

Higher resistance against subsequent
pathogen infection

higher fresh and dry weight
increases in total chlorophyll contents and

net photosynthesis rate

[166]

Astragalus
adsurgens var.
Shanxi Yulin

Erysiphe pisi DC
1805

C. etunicatum, G.
versiforme,
F. mosseae

Increased the shoot and root growth of
standing milkvetch even though their

presence in the roots increased susceptibility
to powdery mildew.

[167]
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Table 6. Cont.

Host Plants
Disease or
Pathogen

AMF Strains Responses Related to AMF Inoculation References

Capsicum annum
Pythium

aphanidermatum
(Edson) Fitzp 1923

Glomus sp.
Mycelial growth of the fungal pathogen

reduced the disease incidence and increased
the growth and yield of crop plants

[168]

Cicer arietinum L. Fusarium wilt

Glomus hoi S.M.
Berch & Trappe

1985, R.
fasciculatum

Increased total contents of P and N in treated
plants [169]

Cucumis melo L. Fusarium wilt F. mosseae Greatest capacity for reduction of disease
incidence [170]

Arachis hypogaea L. Sclerotium rolfsii
Sacc 1911

R. fasciculatum,
Gigaspora margarita,
Cucumis melo L., A.

laevis, and
Sclerocystis dussii
(Pat.) Höhn. 1910

Eliminated the damaging effects of S. rolfsii [171]

Solanum melongena
L. Cucumis sativus

L.

Verticillium dahliae
Kleb 1913

Pseudomonas
lacrymans (Smith

and Bryan) Carsner
1970

G. versiforme Alleviated wilt symptoms caused by V. dahliae [172]

S. tuberosum Potato virus Y (PVY) R. irregularis
Milder symptoms and significant stimulation

of shoot growth were observed in
PVY-infected plants inoculated

[173]

Nicotiana tabacum L.

Tobacco mosaic virus
(TMV) Cucumber

green mottle mosaic
virus (CGMMV)

R. irregularis Showed reduced disease symptoms and virus
titer if compared to non-mycorrhizal plants [174]

Zea mays L. Striga hermonthica
Del Benth 1836

G. etunicatum,
Scutellospora fulgida
Koske & C. Walker
1986, G. margarita

Reduced Striga plant incidence, plant
biomass, and phosphate content [175]

Sorghum bicolor (L.)
Moench S. hermonthica F. mosseae Improved the performance of sorghum [176]

5. Interaction between AMF and Other Beneficial Soil Microorganisms

AMF interacts with a wide assortment of soil microorganisms [177–179]. Interactions can be
either positive, neutral, or negative on the mycorrhizal association or on other microorganisms in
the rhizosphere [180–183]. They may be involved in nutrient acquisition, biological control of root
pathogens, improvement of plant tolerance to abiotic stress and soil quality [184].

5.1. Interaction between AMF and Nitrogen Fixing Bacteria

5.1.1. Interaction between AMF and Rhizobia

AMF and nitrogen-fixing bacteria provide plants with essential soil nutrients, and the expectation
is that co-inoculation will result in the strongest synergistic effects. Several experiments have
demonstrated a positive effect of the interactions between AMF and nodulating rhizobial bacteria [185].
Numerous studies showed a beneficial effect of the interaction between AMF and Rhizobia in legumes
such as Amorpha canescens Nutt., Lens culinaris Medik. [186,187], Glycine max [188,189], Pisum sativum
L. [190], Vicia faba L. [191] and Lathyrus sativus L. [192]. These interactions can induce changes in the
microbial environment through their secretions [193]. It has been demonstrated by [193] that the dual
inoculation with Rhizobium and AMF is more effective for promoting the growth of Faba bean in
alkaline soils than the individual treatment. The dual inoculation of AMF and nitrogen-fixing bacteria
increased nodulation, nitrogen fixation, plant growth and yield. Co-inoculation with selected AMF and
rhizobia also improved outplanting performance, plant survival, and biomass development of woody
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legumes in desertified ecosystems [194]. This is in accordance with the strong synergistic effects of AMF
and rhizobia inoculation found on the biomass production of Atriplex canescens (Pursh) Nutt. [186].
However, these interactions were contingent on several factors, like the amounts of phosphorus and
nitrogen available [186]. Similar results were obtained by [188], which showed a synergistic relationship
dependent on N and P status between rhizobia and AM fungi on soybean growth.

5.1.2. Interaction between AMF and Frankia

As was observed in legumes, the synergistic effects of AMF and the nitrogen fixing actinobacteria
Frankia improve actinorhizal plants performance in various environments [195–201]. In Casuarina
cunninghamiana Miq. and C. equisetifolia L., dual inoculation with a mycorrhizal fungus and a
Frankia isolate significantly increased the height of seedlings and trees, depending on the levels of
available phosphorus [199]. Regarding the impact on nitrogen levels, [200] studies on the natural
abundance of 15N in four species of Casuarina revealed that the interactions between Frankia and AMF
were species-dependent and is also influenced by the availability of P and N. This is in accordance
with [198] studies which showed that AMF plus Frankia had no effect in wood volume growth of
C. cunninghamiana, while this parameter was favored by fertilization with N. Interactions between
AMF and Frankia have been well studied in the pioneer species, Alnus glutinosa L. Gaertn. [195–197].
In a highly alkaline anthropogenic sediment, dual inoculation of Black alder plants with R. intraradices
and Frankia spp significantly increased leaf area, shoot height, total biomass, and N and P leaf
contents when compared with the uninoculated control, the Frankia spp. and the R. intraradices
treatments alone [197]. In addition, the numbers and dry weight of root nodules, as well as the
development of the AM symbiosis were greater when dual inoculation was performed, suggesting
a synergistic effect of these mycrosymbionts, which allowed A. glutinosa plants to grow under these
hostile conditions. Although, it has been reported in this species that interactions between AMF
and Frankia are not always positive [195]. Indeed, in a glasshouse experiments, early interactions
between different AM species (Glomus hoi, F. mosseae, Gigaspora rosea T.H. Nicolson & N.C. Schenck
1979, A. scrobiculata and Scutellospora castanea C. Walker 1993) and Frankia lead to a depressive effect
on plant biomass [195]. This effect resulting possibly from the competition with microsymbionts for
resources such as photosynthates may only be temporary.

5.2. Interaction between AMF and Plant Growth Promoting Rhizobacteria

AMF also interact with the plant growth-promoting Rhizobacteria (PGPR) [202–205]. PGPR are soil
and rhizosphere bacteria that can be of benefit to plant growth by several different mechanisms such as
a symbiotic N2 fixation, ammonia production, solubilization of mineral phosphate, and other essential
nutrients, production of plant hormones, and control of phytopathogenic microorganisms [206].
Under field conditions, dual inoculation of Schizolobium parahyba (Vell.) S.F. Blake, 1919 with AMF
and PGPR increased wood yield by about 20% compared to the application of chemical fertilizers
alone [199]. Inoculation of Acacia gerrardii Benth. with AMF and Bacillus subtilis Ehrenberg, 1835 Cohn,
1872 induced a significantly greater shoot and root dry weight, nodule number and leghemoglobin
content than those inoculated with AMF or B. subtilis alone under salt stress [207]. These authors
found a positive synergistic interaction between AMF and B. subtilis regarding nitrate and nitrite
reductase and nitrogenase activities and the contents in total lipids, phenols, fiber, and osmoprotectants
such as glycine, betaine, and proline [207]. AMF and phosphate solubilizing bacteria (PSB) could
interact synergistically because PSB solubilizes sparingly available phosphorous compounds into
orthophosphate that AMF can absorb and transport to the host plant [179].

Under drought stress, dual inoculation with AMF and PGPR allowed to alleviate water deficit
damage and improve water stress tolerance in Cupressus arizonica Greene through a better accumulation
of ascorbate peroxidase and glutathione peroxidase, in comparison to plants inoculated with a
single microorganism [203]. Inoculation with AMF and PGPR also has a positive effect on plant
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metabolism. [203] showed that co-inoculation of Stevia rebaudiana Bertoni) Bertoni, with AMF and
PGPR enhanced significantly plant growth parameters, NPK, total chlorophyll, and stevioside contents.

5.3. Benefits of the Tripartite Symbiosis (AMF, Nitrogen Fixing Bacteria, PGPR, or Ectomycorrhizal Fungi)

The benefits of the tripartite symbiosis (AMF, nitrogen-fixing bacteria, PGPR, or ectomycorrhizal
fungi) are also known [208–210]. As shown by [209], inoculation with a combination of AMF, Frankia,
Azospirillum, and Phosphobacterium significantly increased the total height and total biomass of
C. equisetifolia plants. The same authors measured an enhanced nutrient uptake for N, P, K, Ca, and Mg
in triple inoculated plants. AMF can also co-exist with ectomycorrhizal fungi (EMF) and improves
plant growth [208,211]. EMF and AMF plant colonization do not occur simultaneously. Generally,
AMF is established first, followed by EMF, but less often, EMF establishes first then reduces AMF
colonization by forming a mantle that acts as a barrier to AMF infection. However, when AMF is
established first, it has no negative effects on EMF infection [211]. In different Acacia crassicarpa A. Cunn.
ex Benth. provenances, combined EMF and AMF symbioses improved plant growth and the rhizobial
nodulation process [208]. Similar results were obtained in Robinia pseudoacacia L. plants inoculated
with a combination of EMF, AMF, and Rhizobium [212]. In C. equisetifolia plants, [213] observed that
inoculation with both AMF and EMF significantly increased biomass and P content compared to
plants inoculated with either AMF or EMF alone. Inoculation of C. equisetifolia with Frankia increased
nitrogen fixation, ectomycorrhizal, and endomycorrhizal colonization [214]. However, an antagonistic
effect was observed when both symbionts were inoculated and were generally the result of high
ectomycorrhizal colonization [211].

5.4. Interaction between AMF and Mycorrhization Helper Bacteria

AMF interacts positively with Mycorrhization Helper Bacteria (MHB) [215–217]. Because of the
beneficial effect of bacteria on mycorrhizae, the concept of Mycorrhization Helper Bacteria (MHB) was
created. Five possible ways of action of MHB on mycorrhiza were proposed by [217]: in the receptivity
of the root to the mycobiont, in root-fungus recognition, in fungal growth, in the modification of the
rhizospheric soil, and in the germination of fungal propagules. These authors showed that MHB is
fungus-specific but not plant-specific.

6. Conclusions

AMF play an important role in improving the adaptation to biotic and abiotic plant stresses and
to alleviate the effects of these stress on plants. Their role in increasing plant growth and yield, disease
resistance, biotic and abiotic tolerance provides an environmentally friendly solution to reduce the use
of hazardous pesticides and industrial fertilizers. However, more research is needed to test in the field
the results obtained in the laboratory and in the greenhouse. The application of this knowledge in real
environments and according to biogeographical zones becomes essential in order to promote their
industrial production for a large scale used and increase their impact to ensure enough food for every
human being on the planet now and in the future. As an ecofriendly method, some work must be done
by researchers, private and public sectors, to promote the use of AMF by increasing their production,
particularly in developing countries where AMF inocula are not accessible and not affordable.

Supplementary Materials: The following are available online at http://www.mdpi.com/1424-2818/12/10/370/s1,
Figure S1: The role of AMF on plant growth in stressed environment.
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Abstract: Plant-associated bacterial assemblages are critical for plant fitness. Thus, identifying a
consistent plant-associated core microbiome is important for predicting community responses to
environmental changes. Our target was to identify the core bacterial microbiome of orchard
grass Dactylis glomerata L. and to assess the part that is most sensitive to land management.
Dactylis glomerata L. samples were collected from grassland sites with contrasting land use intensities
but comparable soil properties at three different timepoints. To assess the plant-associated bacterial
community structure in the compartments rhizosphere, bulk soil and endosphere, a molecular
barcoding approach based on high throughput 16S rRNA amplicon sequencing was used. A distinct
composition of plant-associated core bacterial communities independent of land use intensity was
identified. Pseudomonas, Rhizobium and Bradyrhizobium were ubiquitously found in the root bacterial
core microbiome. In the rhizosphere, the majority of assigned genera were Rhodoplanes, Methylibium,
Kaistobacter and Bradyrhizobium. Due to the frequent occurrence of plant-promoting abilities in the
genera found in the plant-associated core bacterial communities, our study helps to identify “healthy”
plant-associated bacterial core communities. The variable part of the plant-associated microbiome,
represented by the fluctuation of taxa at the different sampling timepoints, was increased under low
land use intensity. This higher compositional variation in samples from plots with low land use
intensity indicates a more selective recruitment of bacteria with traits required at different timepoints
of plant development compared to samples from plots with high land use intensity.

Keywords: land use intensity; plant-associated microbiome; endophytes; rhizosphere; biodiversity;
bacteria; core microbiome; Pseudomonas

1. Introduction

It is generally accepted that microbiomes support plant growth and health at the plant soil
interface [1–4]. The soil influenced by the root (rhizosphere) and the plant inner tissue (endosphere)
provides distinct habitats for these microbial communities. In the rhizosphere, microorganisms benefit
from exudation of organic compounds by the plant as well as mucilage provides ecological niches
for important plant growth promoting microorganisms [5]. Moreover, plants secrete compounds to
selectively chemoattract microorganisms, facilitating their colonization of and proliferation in the
rhizosphere [6]. Endophytic bacteria are usually recruited from the rhizosphere microbiome and
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enter the plant either through lesions or penetrate the root surface actively in addition to vertical
transmission of microbes via seeds [7,8]. Despite strong seasonal variations in relation to the plant
development stage, the structure and function of plant-associated microbiomes are mostly influenced
by the plant species [9].

However, in addition to the plant, microbial communities at the plant–soil interface are also shaped
by other factors, including abiotic site-specific properties like soil characteristics, water availability
and temperature. Furthermore, the type of management of a particular site and its intensity have
been considered important drivers of the plant-associated microbial community [3,10–14]. We could
recently show for Dactylis glomerata L., grown in a number of different grassland soils across Germany,
that, independent of land use intensity (LUI), members of Pseudomonadaceae, Enterobacteriaceae and
Comamonadaceae were the most abundant root endophytes, whereas in the rhizosphere and bulk soil,
a clear influence of LUI on the microbial community structure was evident [15]. However, only a single
date during peak vegetation was taken into account in this study, which might have masked effects of
land use intensity on root endophytes due to the plants’ impact as a result of high exudation rates at
the selected sampling time.

Numerous studies postulate that despite the dynamic nature of the plant-associated microbial
communities, plants may harbor a species-specific set of essential microbes that are not influenced by
environmental conditions and plant growth, supporting the concept of plant-associated core microbial
communities [16,17]. Those members may be crucial for nutrient uptake as well as the stress response
of the plant and consequently determine the overall fitness of a plant [18]. Thus, the loss of parts of the
plant-associated core microbial communities may induce reduced plant fitness and in the long run
out-competition by other plants, which triggers significant shifts in biodiversity pattern worldwide,
mainly if the plants are facing abiotic and biotic stressors. However, the consequences of LUI for the
formation of a particular plant-associated core microbial composition at the root–soil interface are so
far unclear.

In the frame of this study we selected eight grassland sites with different LUI within the
Biosphere Reserve “Schwäbische Alb” in Southwestern Germany, to identify and define a putative
root-associated bacterial core microbiome in (a) the endophytic compartment and (b) the rhizosphere
of D. glomerata. Though plant-associated microbes comprise also of different entities such as fungi
or protists, we focused in our study on plant-associated bacterial communities for which highly
standardized analytical pipelines have been developed in the last years. For all sites, we analyzed
bacterial diversity pattern using a molecular barcoding approach at different plant growth stages.
We postulated that intensive land use (high LUI) may disentangle the close association of plants and
microbes in terms of their co-occurrence and the composition of the core bacterial communities at
the plant–soil interface (rhizosphere) might be less complex in terms of reduced bacterial diversity
compared to sites with extensive forms of land use (low LUI). We expected that this effect be more
pronounced in the rhizosphere than in the root interior.

2. Materials and Methods

2.1. Sampling Sites

The present study was conducted within the long-term interdisciplinary project of the German
“Biodiversity Exploratories” (http://www.biodiversity-exploratories.de). Our study sites were located
at the “Schwäbische Alb”, which is a limestone secondary mountain range in the southwest of Germany,
covering an area of about 422 km2. The land use intensity of the experimental plots was assessed by a
land use intensity index according to Blüthgen et al. [19], which was calculated for consecutive years
(2006–2014) and included the three major management components fertilization, livestock density
and mowing frequency (Table S1). The intensities of the different components were normalized to
the regional mean. The index reflects a numerical gradient, formed by calculating the sum of the
normalized LUI components equally weighted. For detailed equations please see Blüthgen et al. [19].
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Plots were classified as high/low LUI based on their LUI index throughout several years (2006–2010).
Selected sites were AEG6, AEG19, AEG20 and AEG21, representing high LUI plots and AEG7, AEG28,
AEG33 and AEG34, representing low LUI plots (details can be seen in Table S1). Low LUI index
ranged from 0.56 to 1.31 and high LUI index ranged from 1.55 to 2.25. The soil type of all plots was
described as Rendzic Leptosol (according to the FAO classification system). Soil texture of the plots
was determined as follows: clay content was in the range of 423–637 g/kg soil, silt content in the range
of 327–554 g/kg soil and sand content in the range of 15–69 g/kg soil with exception of plot AEG7,
showing differing values (clay: 385 g/kg soil, silt: 427 g/kg soil and sand: 188 g/kg soil). Total carbon
contents of the sites were in a comparable range from 47 to 88 g/kg soil, total nitrogen contents were in
the range of 4.8–10.6 g/kg soil. The C to N ratio was between 9 and 11 for all plots investigated. Samples
were collected in May, June and October 2015, representing dynamic seasonal variations. The mean
annual temperature was 9.9 ◦C and the annual precipitation was 730 mm. Mean temperature and
precipitation during the months of sampling collection was 8.5–19 ◦C and 67.1 mm in May, 12.3–22.7 ◦C
and 80.6 mm in June and 5.2–13.3 ◦C and 19.1 mm in October (Deutscher Wetterdienst, Offenbach,
Station Stuttgart/Echterdingen). At each plot, samples were collected within a subplot of 1.5 m × 1.5 m.
At each sampling timepoint, three plants of D. glomerata without any disease symptoms were excavated
per plot and treated as true replicates.

2.2. Sampling and Basic Analyses

Roots of D. glomerata with adhering rhizosphere soil were suspended in 7.5 mL sterile 1× PBS
solution amended with 0.02% Silwet (PBS, AppliChem, Darmstadt, Germany; Silwet L-77), and shaken
at 180 rpm for 5 min to separate the rhizosphere from the roots. This step was repeated three times.
The PBS solution containing the collected rhizosphere soil was centrifuged at 5000× g for 5 min and
the pellet was frozen in liquid nitrogen and stored at −80 ◦C until further analyses.

After the separation of rhizosphere soil, roots were immediately surface sterilized. Therefore,
roots were subjected to sterile 1% Tween 20 for 2 min and washed with pure autoclaved water.
Next, roots were incubated for 2 min in 70% ethanol and rinsed three times in sterile distilled water.
Subsequently, surface sterilization was done by incubating the roots in 5% sodium hypochlorite for
10 min and rinsing them in sterile water eight times. Sterilized roots were frozen in liquid nitrogen
and stored at −80 ◦C. To check successful surface sterilization, DNA extraction followed by PCR
amplification of the 16S rRNA genes, and incubation of 200 μL of the final rinse water on NB agar
plates was performed. The absence of the PCR product and no colonies on the agar after 10 days at
28 ◦C confirmed successful sterilization.

Furthermore, bulk soil samples were taken (soil only loosely attached to the roots) and stored
at −80 ◦C until further molecular analyses, respectively, sieved and stored for a maximum of 24 h
at 4 ◦C for chemical analysis. Water extractable organic carbon (WEOC) and nitrogen (WEON)
were determined using DIMA-TOC 100 (Dima Tec, Langenhagen, Germany) using 0.01 M calcium
chloride solution for extraction [20]. The same extracts were used to measure nitrate (NO3

−-N) and
ammonium (NH4

+-N) by continuous flow analysis using a photometric autoanalyzer (CFA-SAN Plus;
Skalar Analytik, Erkelenz, Germany).

In addition, above ground plant material was collected and rinsed with tap water, dried on 65 ◦C
for 2 days and pulverized using the Tissue LyserII (Qiagen GmbH, Hilden, Germany). Total carbon and
nitrogen contents were measured using an Elemental Analyzer ‘Euro-EA’ (Eurovector, Milano, Italy).

2.3. Nucleic Acid Extraction

For nucleic acid extraction, a phenol-chloroform-based method was used with slight
modifications [21]. We used surface sterilized roots, the rhizosphere and bulk soil from all eight
plots (3 replicates per plot) in May, June and October resulting in 216 samples in total. Prior to
DNA extraction, surface sterilized roots were frozen in liquid nitrogen and prehomogenized using a
TissueLyserII (Qiagen GmbH, Hilden, Germany). Afterwards, 0.1 g of roots and 0.3 g of rhizosphere
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and bulk soil were homogenized using lysing matrix tubes E (MP Biomedicals, Illkirch-Graffenstaden,
France) in 120 mM sodium phosphate buffer (pH 8) and TNS solution (500 mM Tris-HCl pH 8.0,
100 mM NaCl, 10% SDS (wt/vol)), and centrifuged at 16,100× g for 10 min at 4 ◦C. The supernatant was
transferred into a 2 mL DNase/RNase free SafeLock tube on ice and successively mixed with an equal
volume of phenol/chloroform/isoamylalcohol (25:24:1 (vol/vol), Sigma-Aldrich, St. Louis, MO, USA)
and chloroform/isoamylalcohol (24:1 (vol/vol)) and centrifuged for 5 min at 16,100× g. DNA was
precipitated using 30% (wt/vol) polyethylene glycol (PEG) solution (PEG 6000, NaCl). After 2 h of
incubation on ice, the solution was centrifuged (16,100× g, 10 min, 4 ◦C). The resulting pellet was washed
in ice-cold DNase/RNase free 70% ethanol, air-dried and eluted in 30 μL 0.1% diethylpyrocarbonate
water. The concentration was measured in duplicates using the Quant-iT™Pico Green® ds DNA assay
Kit (Invitrogen, Carlsbad, CA, USA) according to the manufacturer’s instructions. The measurements
were performed with a SpectraMax Gemini EM Fluorescence Plate Reader Spectrometer (Molecular
Devices, Sunnyvale, CA, USA). Values were corrected for background fluorescence by addition of
negative controls. Finally, the DNA extracts were stored at −80 ◦C until further use.

2.4. Library Preparation and Illumina Sequencing

Next generation sequencing was performed on the Illumina MiSeq platform (Illumina Inc.,
San Diego, CA, USA). Library was prepared according to the “16S Metagenomic Sequencing
Library Preparation” protocol proposed by Illumina Inc., USA. To reduce biases of the polymerase
chain reaction (PCR) amplification of the 16S rRNA region, the reaction was carried out
in triplicates using 335Fc (5′-CADACTCCTACGGGAGGC-3′) as a forward primer and 769Rc
(5′-ATCCTGTTTGMTMCCCVCRC-3′) as a reverse primer with Illumina adapter sequences [22].
The PCR reaction contained 12.5 μL NEB Next High Fidelity Master Mix (Illumina Inc., San Diego, CA,
USA), 0.5 μL of each primer (10 pmol/μL), 2.5 μL of 3% BSA, 100–200 ng of template DNA and 25 μL
of DEPC water. PCR conditions included an initial denaturation step at 98 ◦C for 5 min, followed
by 20 cycles (rhizosphere and bulk soil samples) or 28 cycles (root samples) of denaturation (98 ◦C;
10 s), annealing (60 ◦C; 30 s) and elongation (72 ◦C; 30 s). The final elongation was performed at 72 ◦C
for 5 min. Negative controls of extraction (blank extraction) and PCR (using DEPC water instead
of template DNA) were treated accordingly. Resulting amplicons were analyzed on a 2% agarose
gel. Afterwards, triplicates were pooled and purified using the Agencourt®AMPure®XP (Beckman
Coulter Company, Carlsbad, CA USA) extraction kit according to the manufacturer’s instructions,
with a modified ratio of AMPure XP to PCR reaction (0.6/1). The presence of primer-dimers and
amplicon sizes were checked on a Bioanalyzer 2100 Agilent Technologies, Santa Clara, CA, USA),
using the DNA 7500 kit (Agilent Technologies, Santa Clara, CA, USA) and quantified using the
Quant-iT PicoGreen kit (Life Technologies, Grand Island, NY, USA). Finally, indexing PCR was carried
out using 10 ng of amplicon DNA, 12.5 μL NEB Next High Fidelity Master Mix and 10 pmol of each
indexing-primer. PCR conditions were changed for the annealing temperature (55 ◦C) and the number
of cycles (8 cycles). Purified PCR products were pooled in equimolar ratios to a final concentration of
4 nM and sequenced using the MiSeq Reagent kit v3 (600 cycles; Illumina Inc., San Diego, CA, USA)
for paired end sequencing. Sequence files were deposited in the NCBI Sequence Read Archive under
accession numbers SRP102620 and PRJNA380810.

2.5. Sequence Data Analysis

Sequence analysis was performed using QIIME (quantitative insights into microbial ecology [23])
and default parameters. FASTQ files were trimmed and merged with a minimum read length of 50
and minimum Phred score of 15 using AdapterRemoval [24]. PhiX contamination was removed using
DeconSeq [25]. Reads were merged and filtered by size (400–480 bp) and clustered into operational
taxonomic units (OTUs) at 97% sequence identity with an open reference strategy using GreenGenes
16S rRNA reference database (13_5 release) [26]. Taxonomy was assigned using the RDP (v2.2) classifier
retrained on the GreenGenes [27]. Afterwards, chloroplast sequences were removed, and output
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was filtered with an abundance cut-off of 0.001%. To make results comparable, the data set was
rarefied to the lowest obtained read number. Afterwards, diversity analyses were performed, which
is implemented in the Qiime workpackages, including the calculation of relative abundance of each
OTU per sample as well as the computation of α- and ß-diversity. The analysis of α-diversity (within
sample diversity) was calculated per sample and was based on chao1 richness [28] and Shannon’s
diversity [29]. For the calculation of the boxplots, samples were grouped by month and LUI (i.e.,
3 × 4 samples high and 3 × 4 samples low LUI per sampling season and compartment). Significant
differences in α-diversity were obtained by unpaired t-tests. Betadiversity measures were calculated
using unweighted and weighted UniFrac metrics as described by Catherine et al. [30].

Statistical significance of dissimilarities in ß-diversity was determined by adonis using the
r-package, Vegan (R package version 2.4-4) [31], via the Qiime script “compare_categories.py”.
Significances of LUI were calculated per compartment and season. Significances of season were
calculated per compartment and LUI. The analysis of the core bacterial microbiome of roots and
rhizosphere from different LUIs was based on the total relative abundance of bacterial OTUs and was
computed using “compute_core_microbiome.py”. Thus, a table of OTUs was obtained per month and
LUI, where the OTUs that remained were present in 90% of the respective samples (i.e., OTU had to
be present in 11 of 12 samples per LUI and month). These tables were used for visualization in the
Bioinformatics and Evolutionary Genomics webtool [32].

3. Results

3.1. Soil Carbon and Nitrogen Content

While WEOC was not influenced by different LUI levels, it changed in response to the sampling
season. Concentrations in October (64.1 μg g−1 dw in average) were significantly higher compared
to May (35 μg g−1 dw in average) or June (26.1 μg g−1 dw in average). In contrast, WEON, nitrate
and ammonium concentrations increased with LUI and changed over time. As expected, the highest
concentrations of 43.13 μg g−1 dw WEON and 46.08 μg N g−1 dw nitrate on average were detected in
June on intensively managed sites due to increased fertilizer input by manure application (see Table S2).

3.2. Sequencing Summary

In total, 16,085,722 raw-sequence reads were obtained from PCR amplicons by Illumina sequencing.
After quality filtering and chimera check, 12,561,385 high-quality partial 16S rRNA gene sequences
with a minimum length of 400 bp remained. After removal of chloroplasts and the application of an
abundance cut-off of 0.001%, 8,991,033 sequences and 10,099 OTUs remained. To compare samples
without statistical bias, data were rarefied to 14,092 reads per sample, which reflected the lowest
obtained read number. Rarefaction was performed to account for variations in library sizes between
samples of different compartments. Rarefaction analysis indicated a sufficient sampling depth for
further investigation at 97% sequence similarity (Figure S1).

3.3. Characterization of Bacterial Diversity

Analysis ofα-diversity (diversity in terms of OTU numbers present in a single sample), measured as
the Shannon index and chao1 richness (Figure 1), indicated a significant impact of LUI mainly on
bacterial diversity in bulk soil in June, with increased values at sites with high LUI compared to sites
with low LUI. For other timepoints no significant influence of LUI on bacterial diversity was detected
in bulk soil. For the other compartments (rhizosphere and root interior) no significant influence of
LUI on bacterial diversity was measured for any of the sampling timepoints. However, as expected,
overall α-diversity was higher in the rhizosphere and bulk soil compared to the root interior.
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Figure 1. α-diversity measures chao1 species richness and Shannon index of all compartments under
low and high land use intensity, respectively. The distribution is shown at 97% sequence similarity.
The boxplot indicates the first and third quartile. The median is indicated as a horizontal line
and whiskers indicate minimum or maximum, respectively. Significant differences among land use
intensities are indicated with an asterisk, circles reflect outlier values (t-test, p < 0.05).

Beta-diversity was also impacted by LUI to a large extent, mainly in June, when effects of LUI
on all compartments were observed. In addition, significant differences between different LUI levels
were also observed in the rhizosphere and bulk soil for the other two sampling periods (Table S3).
Weighted UniFrac distances indicated a significant impact of season for all analyzed compartments
(Table S4).

Most abundant phyla in all compartments (endosphere, rhizosphere and bulk soil) were
Proteobacteria, Bacteroidetes and Actinobacteria, followed by Firmicutes and Acidobacteria (Table S5).
At the genus level (Table S6), Pseudomonas (23%) was dominating the root endosphere followed
by Janthinobacterium (4%), Rhizobium (3%), Burkholderia (3%) and genera belonging to the family of
Enterobacteriaceae (4%). In contrast, in the rhizosphere as well as in bulk soil, most abundant taxa
were assigned to the families Sinobacteraceae (9/6%) and Chitinophagaceae (8/12%) followed by the
genus Rhodoplanes (4/6%).

3.4. Definition of an Endophytic Core Microbiome for Dactylis glomerata L.

From the 88 OTUs detected in roots under high LUI on the 97% homology level, 76 were affected
by the sampling timepoint. At all sampling timepoints, 12 OTUs were detected and formed a
plant-associated bacterial core community (high LUI, May, June and October; Figure 2).
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Figure 2. Shared operational taxonomic units (OTUs) between the different sampling seasons May,
June and October for both land use intensities (LUIs). Green depicts root samples (a), red depicts
rhizosphere samples (b) and blue depicts bulk soil samples (c). The percentages are based on the total
amount of OTUs that contribute to the diagram.

Five of these OTUs were classified as Pseudomonas without a clear affiliation to a particular species
(OTU 398604, 4455861, 3314521, 9448 and 1087); one OTU (633252) could be further classified as
P. veronii. The other OTUs of the core microbiome could be assigned to Rhizobium (OTU 1104627,
220539), Bradyrhizobium (OTU 4377104, 1105814), Agrobacterium (OTU 969805) and Labrys (OTU 218772;
see Table S7).

Overall, more OTUs could be detected in roots under low LUI compared to high LUI (126 OTUs
compared to 88 on the level of 97% homology). However, the plant-associated core bacterial
communities including all sampling timepoints (low LUI, May, June and October) were comparable
(14 OTUs compared to 12; Figure 2). The classification revealed close similarities between the
plant-associated core bacterial communities of high and low LUI. Like for high LUI, most OTUs in the
core (8) could be identified as Pseudomonas. The OTU assigned to P. veronii for both land use intensities
were identical (OTU 633252). Other identical OTUs found were OTUs 3,314,521, 9448 and 1087,
classified also as Pseudomonas and OTU 4,377,104 and 1,105,814, assigned to Bradyrhizobium. OTUs that
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were unique in the core bacterial composition of plants from low LUI sites, but phylogenetically
comparable to OTUs found in the roots of plants from high LUI sites were OTUs 12,056, 6025 and 14298,
which were further classified to P. umsongensis. In addition to those, we found one OTU (646,549),
classified as Pseudomonas and three OTUs classified as Rhizobium (2156, 1433, 1,104,627), which were
phylogenetically similar to those detected in roots of plants from sites with high LUI.

The only OTU that was solely found as part of the root core microbiome of plants at sites with
low LUIs was assigned to Caulobacter (OTU 7929). In contrast, the OTUs that were only present in the
endophytic core microbiome of plants under high LUI were assigned to Agrobacterium (OTU 969805)
and Labrys (OTU 218772; see Table S8).

3.5. Definition of a Core Microbiome for the Rhizosphere of Dactylis glomerata L.

Due to the higher diversity in the rhizosphere compared to the root interior, the absolute numbers
of OTUs, which contributed to the bacterial core microbiome of the rhizosphere, were higher. However,
surprisingly also relative numbers were increased (Figures 2b and 3b). While in the root interior
the bacterial core composition was only formed by 11–13% of the detected OTUs, more than 19% of
the detected OTUs were part of the plant-associated core bacterial communities in the rhizosphere
(Figure 2a,b). Interestingly, the numbers, as well as the proportion of OTUs that contributed to the core
that was shared amongst all sampling seasons in the rhizosphere was lower under low LUI (156/19.4%)
compared to high LUI (235/25.3%). In contrast to the root core bacterial community composition
(shared throughout all sampling seasons under high vs. low LUI), the amount of uniquely found OTUs
was higher under high LUI compared to low LUI (Figure 3b).

While the core plant-associated bacteria (found across all sampling seasons) in roots were
dominated by OTUs, which could be assigned to Pseudomonas under both LUIs, OTUs linked to this
genus were less abundant in the core bacterial community (found across all sampling seasons) of the
plant rhizosphere independent of LUI. Under both LUIs, the majority of core OTUs was assigned to the
genera Rhodoplanes, Methylibium, Kaistobacter and Bradyrhizobium, and to the families Sinobacteraceae
and Chitionophagaceae.

We found a total number of 927 OTUs under high LUI in the rhizosphere, where 692 OTUs were
influenced by a sampling timepoint on a 97% sequence similarity level (not found across every season).
235 OTUs were detected independent of the sampling timepoint, reflecting the high LUI rhizosphere
core (found across all seasons). The majority of OTUs found in the core was assigned to the genera
Rhodoplanes (16 OTUs), Methylibium (15 OTUs), Kaistobacter (11 OTUs) and Bradyrhizobium (8 OTUs).
Furthermore, a high number of not further assigned Sinobacteraceae (20 OTUs) and Chitinophagaceae
(12 OTUs) was detected (Table S9).
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Figure 3. Comparison of plant-associated core bacterial communities. The Venn diagrams show the
amount of OTUs that contributed to the core bacterial communities that were shared amongst all
seasons only under high and low LUI as well as the core OTUs found under both LUIs and all seasons
for roots (green, (a)), rhizosphere (red, (b)) and bulk soil (blue, (c)). The stackplots show the comparison
of the total relative abundance of the OTUs that contribute to the core bacterial communities in Figure 3a.
“High” refers to the abundance of OTUs found under high LUI only (shared amongst all seasons, but
only under high LUI), “shared high” refers to the abundance under high LUI of those OTUs that were
found under both LUIs (shared amongst all seasons under high as well as low LUI), “shared low” refers
to the abundance under low LUI of those OTUs that were found under both LUIs (shared amongst all
seasons under high as well as low LUI), abundance of OTUs under low LUI only (shared amongst all
seasons, but only under low LUI), colored by genus. OTUs in “Other” could not be classified to the
genus level.

Under low LUI, we found a total number of 804 OTUs, with 648 OTUs being influenced by the
sampling date on the 97% sequence similarity level (not found across every season). The plant-associated
core bacterial community composition was formed by 156 OTUs (found across all seasons). As for the
root core plant-associated bacteria, the largest part of the rhizosphere core (low LUI) was comparable
to the core found under high LUI regarding the genera detected. In total, we found 124 identical
OTUs in both high and low LUI core bacterial community composition. The genera that were found
in highest amounts were the same as under high LUI: Rhodoplanes (11 out of 12 OTUs identical
to high LUI core), Kaistobacter (7 out of 8 OTUs identical), Methylibium (7 identical OTUs) and
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Bradyrhizobium (7 identical OTUs). Additionally, not further classified families that were found
in high numbers were the same: Sinobacteraceae (11 identical OTUs) and Chitinophagaceae (5
out of 8 OTUs identical). Thirty-two OTUs appeared to be unique in the rhizosphere core of low LUI.
Among those were the genera Pseudomonas (OTUs 646,549, 398,604), Candidatus Solibacter (OTU 817,874),
Flavobacterium (OTU 6614), Kaistobacter (OTU 331,282), Niabella (7994), Novosphingobium (OTU 941,803),
Pedobacter (OTU 976,441) and Rhodoplanes (OTU 2,025,156). Moreover, six unique OTUs could be
classified to a particular species (on the 97% homology level; Table S10, Table S11 and Table S12):
Asticcacaulis biprosthecium (OTU 1,105,085), Bosea genosp. OTUs (567,840, 829,415), Variovorax paradoxus
(OTUs 123, 2575) and Sphingomonas wittichii (OTU 3395). Additionally, we found three taxa that were
only present in the low LUI plant-associated core bacterial community composition: Novosphingobium
(OTU 94,180), Niabella (OTU 7994) and Pedobacter (OTU 976,441).

OTUs unique to the high LUI rhizosphere core (111) appeared to be more diverse compared
to low LUI (Figure 3b). Within the 111 unique OTUs in the core of high LUI, 39 OTUs could
be assigned to genus level without further classification to the species. Among those we found
Methylibium (8 OTUs), Rhodoplanes (5 OTUs), Kaistobacter (4 OTUs) and Candidatus Solibacter (3 OTUs).
Furthermore, among the unique OTUs under high LUI, we found OTUs that could be assigned
to Rhizobium (103,410), Mycoplana (998,905), Labrys (543,156), Asticcacaulis (1,105,085) Adhaeribacter
(1,069,076), Paucibacter (593,163) Microlunatus (249,330, 4209) and Bosea (567,840, 829,415).

3.6. Definition of a Core Microbiome for the Bulk Soil of Dactylis glomerata L.

The bulk soil associated bacterial core communities were comparable to the rhizosphere associated
core bacterial communities with regard to the composition as well as to the total amount of shared
OTUs found amongst all sampling seasons. Under high LUI, we found in total 884 OTUs, 678 of which
were influenced by the sampling timepoint (not found across all seasons). We found 206 OTUs to be
shared across all sampling seasons under high LUI on the 97% sequence similarity level. The majority
of OTUs assigned to the genus level was also comparable to the core bacterial community composition
of the rhizosphere. OTUs in the shared core of the bulk soil (found across all seasons) were assigned to
Rhodoplanes (23 OTUs), Kaistobacter (10 OTUs), Candidatus Solibacter (8 OTUs), Bradyrhizobium (8 OTUs),
Methylibium (8 OTUs) and Pedomicrobium (8 OTUs). High numbers of not further classified families
were Sinobacteraceae (22 OTUs) and Chitinophagaceae (16 OTUs) like in the rhizosphere. Genera found
to be unique in the core of high LUI were Geobacter (701,911), Ramlibacter (4928), Afifella (10,984),
Nitrospira (173,004), Adhaeribacter (1,069,076) and Thermomonas (805,685). Only the latter two OTUs
were also found in the high LUI core bacterial community composition of the rhizosphere.

Under low LUI, a total of 743 OTUs was detected across all seasons in the bulk soil. Among
those, 220 could be found independent of the sampling timepoint (shared across all sampling seasons).
Most OTUs could be classified to Bacillus (with 3 out of 5 OTUs being identical to high LUI OTUs),
Bradyrhizobium (8 out of 9 identical OTUs), Kaistobacter (6 out of 8 identical OTUs), Methylibium (4 out
of 9 identical OTUs), Pedomicrobium (7 out of 8 identical OTUs), Rhodoplanes (19 out of 22 identical
OTUs), Steroidobacter (1 out of 7 identical OTUs), Sinobacteraceae (16 out of 25 identical OTUs) and
Chitinophagaceae (8 out of 11 identical OTUs). In addition to this, two genera were found solely present
in the low LUI core: SMB53 (555,945) and Labrys (543,156). OTU 543,156, however, was found in the
core bacterial community composition of low LUI rhizosphere, too.

4. Discussion

4.1. The Role of LUI for Bacterial Diversity at the Plant–Soil Interface at Different Stages of Plant Development

In this study, we compared the putative core bacterial communities of the agricultural important
grass Dactylis glomerata L. under the influence of different LUIs. Plants were sampled at three different
dates from sites exposed to high and low LUI, respectively, to characterize the bacterial community
composition in the endosphere and rhizosphere as well as in the bulk soil.
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The analysis of α-diversity showed an increase of microbial diversity under high LUI within all
plant stages only in the bulk soil. This might be explained by a more transient and patchy bacterial
colonization under higher LUI [33]. In contrast, under low land use intensity, bacterial communities are
differing strongly between the measured timepoints during the season, indicating a clear fluctuation
of bacterial communities over the season, which is not the case under high land use intensity.
Lower α-diversity as a result of low LUI, which we attribute to less disturbance, results in a more stable
and consistent composition of bacterial communities [34]. However, we could neither find a significant
impact of LUI on the bacterial α-diversity in the rhizosphere, nor in the root endosphere. This is in
accordance with several studies showing that plant species have a stronger effect on plant-associated
microbial communities than soil parameters [35,36].

Analysis of β-diversity within the root endosphere revealed a significant impact of land use
intensity in June, indicating a difference in the presence and/or absence of certain OTUs. This might
be due to seed production in June, which generates high metabolic expenses for the plant, which
are caused by the synthesis of storage products (including proteins, starch and lipids), the uptake of
mineral nutrients, as well as nutrient translocation from the site of synthesis to seed assimilation [37].
Thus, mainly at sites with low land use intensity and reduced amounts of plant available nitrogen,
it is essential for optimal performance of the plant to recruit bacteria, which are capable of forming
plant available nitrogen either by mineralization of dead biomass or by nitrogen fixation, which might
explain differences in β-diversity in June between sites with different land use intensities.

As expected, a significant difference between LUIs was also observed in the rhizosphere and bulk
soil at every sampling date. In addition, we also found a significant difference in the presence and/or
absence of certain OTUs (unweighted Unifrac) between different sampling dates, within high and low
LUI, respectively, in all compartments (Table S8). Thus, the results suggest a root-associated bacterial
community composition that is selected by the plant throughout the season, which is in accordance
with numerous studies [2,38,39] and additional effects driven by LUI, which differ in their degree and
direction towards shifts in the abundance of single OTUs dependent on the sampling date. As the
LUI index we used in our study takes into account various parameters, which are affected by land
use intensity, including fertilization and subsequent changes of nitrogen pools in soils, the observed
LUI-mediated effects might be coupled to altered soil parameters, which in turn affected the bacterial
community composition.

4.2. The LUI Independent Bacterial Core Microbiome of D. glomerate

The main focus of this study was to identify a putative plant-associated core bacterial community
of D. glomerata in different plant compartments, because bacteria that are consistently found across
samples subjected to different conditions likely provide critical ecological functions. Indeed, we found
plant-associated bacterial communities that were shared across all sampling seasons under both LUIs
(Figure 2). Pseudomonas veronii was found in the root core of both LUIs, emphasizing its importance
for D. glomerata. Previous studies have demonstrated that root-associated P. veronii exhibits high
biocontrol potential by increasing the bioavailability of phosphate and ammonia in the soil [40] and by
synthesizing indole-3-acetic acid (IAA), which is of major importance, since it stimulates cell elongation
and cell division of the plant [41]. Furthermore, a high nematodical activity was observed within this
species [42]. It was shown that the abundance of plant-parasitic nematodes is significantly increased
in D. glomerata compared to other grasses and legumes [43]. This might be critical for D. glomerata
since it can affect the competitive ability of the plant significantly. Moreover, other Pseudomonas spp.
were reported to possess a wide variety of plant growth promoting traits and beneficial properties.
These include the production of various phytohormones like IAA, cytokinins or gibberillins, as well
as nitrogen fixation and production of antimicrobial compounds [44]. Additionally, Rhizobium and
Bradyrhizobium were found in the plant-associated core bacterial composition independent of LUI. Both
genera are known for their nitrogen-fixing abilities within nodules of leguminous plants [45,46] and
for the production of phytohormones [47,48]. Moreover, genes for nitrogen fixation of the endophytic
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Rhizobium spp. were found in high abundances within tissues of the perennial grass sugarcane,
indicating their particular importance for plant-associated nitrogen fixation in perennial grasses [49].
Due to its high abundance in roots, it is presumably a key player for plant health.

In general, more OTUs were found in total and relative numbers in the core bacterial communities
(shared across all seasons, high vs. low LUI) of the rhizosphere compared to roots, which seems
reasonable, as there is no obstacle to overcome like passing the cell wall of the plant. Interestingly, the
most prominent genus found in root core bacterial communities (Pseudomonas) was not as ubiquitously
found in the rhizosphere core under both LUIs. This might be due to higher competition and the strong
adaptation of Pseudomonas spp. to the specific conditions present in the root interior. The majority of
genera found in the rhizospheric cores (high and low LUI) were Rhodoplanes, Methylibium, Kaistobacter
and Bradyrhizobium, which were frequently isolated from other rhizosphere environments [50–53].
Among those, Bradyrhizobium is the only one that was also found in the root core bacterial communities
under both LUIs, highlighting its importance for the plant. While representatives of Rhodoplanes have
been characterized as a facultative photo-organothroph and potentially nitrate-fixing bacteria [54,55],
Methylibium was described as a facultative methylotroph that actively utilizes root exudates [51].
Furthermore, species within the latter are involved in the degradation of aromatic hydrocarbon and
methyl tert-butyl ether [50]. Members of Kaistobacter have also been reported to be involved in the
degradation of aromatic compounds and suggested to suppress bacterial wilt disease [56].

4.3. Microbial Variation of Core OTUs as Influenced by LUI

In addition to the LUI-independent plant-associated core bacterial community composition
(shared throughout all seasons and both LUIs), we also found taxa that were only present in the core
under high or low LUI (shared throughout all seasons, but only on high or low LUI). In roots, the
OTU assigned to Caulobacter was present exclusively in all samples from low LUI sites, constituting
part of the core bacterial communities in roots. Microbes within this genus were reported to produce
IAA and solubilize inorganic phosphate [57]. A study on bacterial communities in different grapevine
cultivars showed higher abundance of Caulobacter under organic production versus integrated pest
management [58], which would be in line with our findings of Caulobacter under low management
intensity. In turn, a single OTU assigned to Labrys was found exclusively in the core of sites subjected
to high LUI (shared throughout all seasons on high LUI). Species within this genus are frequently
isolated from various soil and sediment samples but were also found in the rhizosphere of Korean
ginseng [59–61], and as an endophyte in Clerodendrum colebrookianum [62]. Though no strain within this
genus has been described in the context of plant growth-promoting traits, numerous species of Labrys
isolated from sediment and soil were shown to possess the ability to reduce nitrate, assimilate various
amino acids and sugars, have catalase activity etc. [59,60], which might also play an important role
in supporting the plant under a high amount of available nitrate. Agrobacterium (e.g., Agrobacterium
tumefaciens) is widely known for its ability to transmit plasmid T-DNA into plant cells [3]. Furthermore,
several Agrobacterium species carry pathogenic capacity on Ti (tumorigenic) or Ri (rhizogenic) plasmids,
which can cause the induction of tumor-like growth and reduce seed production, e.g., crown-gall or
hairy root disease [63]. On the other hand, various nonpathogenic Agrobacterium spp. have been found
lacking those plasmids [64]. Indeed, numerous Agrobacterium spp. appeared to contribute to plant
growth by phosphate solubilization, nitrogen fixation and siderophore production [65].

We found several differences in the composition of core bacterial communities in the rhizosphere
between high and low LUI, e.g., species within Variovorax were only found in the core of low LUI (shared
throughout all seasons). Variovorax paradoxus is frequently described as the plant-growth promoting
genus, including traits like the reduction of plant stress, increasing nutrient availability and inhibiting
growth of pathogens by degrading N-acyl homoserine-lactones. The latter constitute mechanisms
related to their catabolic capacities [65–67], which are likely critical to satisfy the metabolic expenses of
the plant as they are found in the core microbiome of low LUI. Furthermore, Sphingomonas wittichii and
Bosea genosp were only found in the low LUI core (shared throughout all seasons). Numerous studies
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showed their plant-growth promoting abilities due to their production of phytohormones [68,69].
Moreover, other species found only in the low LUI core within the genera Sphingomonas and Bosea
were shown to be diazotrophic, solubilize inorganic phosphorus and are involved in biocontrol [70].
Asticcacaulis biprosthecium has recently been found in the rhizosphere of maize, however, their
plant-growth promoting abilities have not been further described [71].

Genera exclusively found under high LUI, but shared throughout all sampling seasons were
Rhizobium, Mycoplana, Labrys, Adhaeribacter, Paucibacter and Microlunatus, all of which have been
described to harbor plant-growth promoting functions and thus enhancing plant performance [72–77].

OTUs found in the rhizosphere and bulk samples differed as expected, but all taxa that were
detected in the bulk soil core bacterial communities were also found in the rhizosphere core under both
LUIs. Differences in the core of bulk soil and the rhizosphere may be due to the selective attraction of
taxa by the plant. Interestingly, LUI influenced the proportion of OTUs that contributed to the uniquely
found OTUs (shared among all sampling seasons, but only on high or low LUI) and on the number of
taxa in the rhizosphere (total OTUs found throughout all seasons), as OTUs were assigned to more
different taxa under high LUI. Though the prevalent taxa specific for one plant stage were comparable
in the rhizosphere, the amount and proportion of OTUs contributing to the core were lower under low
LUI (156/19.4%) compared to high LUI (235/25.35%). Furthermore, the higher amount of OTUs that
were present in the low LUI associated core bacterial communities compared to high LUI indicates
a higher variability of bacteria colonizing the rhizosphere. In a low nutrient environment, specific
recruitment of microorganisms is crucial to the plant to enhance plant fitness and growth [78]. Thus, a
lower amount of similar genera may be found, indicating a more selective attraction of soil bacterial
communities under low LUI by plant exudation throughout the season. Furthermore, the observation
that seven OTUs were present in root samples and 124 in rhizosphere samples independent of LUI and
sampling timepoints imply that these taxa are highly persistent and ubiquitous in agricultural soil.

5. Conclusions

During the last years, several studies investigated the influence of land management on
plant-associated bacteria, thereby focusing on single plant development stages or compartments.
As frequently occurring plant-associated bacterial assemblages are presumably critical for plant
fitness [18], the identification of a plant-associated core bacterial community composition might be
the first step of defining a “healthy” bacterial community to unravel the ecology of plant-associated
bacterial consortia and predict community responses to environmental changes. Up to date, this
is the first study defining the composition of a stable plant-associated core bacterial community
composition in the rhizosphere and endosphere as well as its dependency on LUI for a plant species of
agricultural importance. We found the genera Pseudomonas, Rhizobium and Bradyrhizobium to be part of
the consistent root core plant-associated bacteria of D. glomerata independent of LUI and stable along
the season. The majority of genera identified as the core bacterial communities of the rhizosphere
compartment belonged to Rhodoplanes, Methylibium, Kaistobacter and Bradyrhizobium. Their persistent
occurrence independent of LUI or the growth stage as well as their plant-growth promoting traits
supporting plant health could be a first insight into the composition of a life-supporting essential
part of the plant microbiome. Nevertheless, we could not infer from the measured co-occurrence of
plant-associated bacterial communities across different LUI how the detected species react and interact
with their host plants, although many of the identified taxa have been associated with plant growth
promoting traits in previous studies [79]. In this context, also the co-occurrence of fungi and bacteria
especially in the plants’ rhizosphere compartment should be assessed to account for the presence and
contribution of fungi in plant-associated microbiomes.

A higher compositional variation throughout different sampling dates was observed under low
LUI compared to high LUI, suggesting a stronger adaption of plant-associated bacteria under low LUI.
Taking the minimum cut-off of 0.001% (i.e., required number of reads for one OTU to be kept was 103)
after cut-off into account, these results were significant.
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Taking the functions associated to the detected bacterial species into account, we could speculate
that the major functionality of the plant-associated core bacterial community might be linked in
particular to the plant growth and stress response. However, to obtain deeper insights into the
functionality of a “healthy” core bacterial microbiome and its resilience to disturbances, it is of
importance to further analyze the functional traits of the identified microbial communities to reveal
their functional potential. This will gain deeper knowledge on core plant-associated bacteria of a
healthy versus a diseased state of the plant and the predictability of the fitness state of the plant
to improve plant performance in agricultural production systems. Though our study revealed the
existence of shared plant-associated bacterial taxa under different land use intensities, these findings
were specific for D. glomerata in the investigated grassland soils. Thus, it would be tempting to
assess also bacterial communities associated with other D. glomerata cultivars or to study broader
biogeographical patterns of the root associated microbiome of D. glomerata or other grass species
of Poaceae.
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Abstract: The degradation of tropical pastures sown with introduced grasses (e.g., Urochloa spp.) has
dramatic environmental and economic consequences in Latin America. Nitrogen (N) limitation to
plant growth contributes to pasture degradation. The introduction of legumes in association with
grasses has been proposed as a strategy to improve N supply via symbiotic N2 fixation, but the fixed
N input and N benefits for associated grasses have hardly been determined in farmers’ pastures.
We have carried out on-farm research in ten paired plots of grass-alone (GA) vs. grass-legume (GL)
pastures. Measurements included soil properties, pasture productivity, and sources of plant N uptake
using 15N isotope natural abundance methods. The integration of legumes increased pasture biomass
production by about 74%, while N uptake was improved by two-fold. The legumes derived about
80% of their N via symbiotic N2 fixation. The isotopic signature of N of grasses in GA vs. GL pastures
suggested that sources of grass N are affected by sward composition. Low values of δ15N found in
some grasses in GA pastures indicate that they depend, to some extent, on N from non-symbiotic
N2 fixation, while δ15N signatures of grasses in GL pastures pointed to N transfer to grass from the
associated legume. The role of different soil–plant processes such as biological nitrification inhibition
(BNI), non-symbiotic N2 fixation by GA pastures and legume–N transfer to grasses in GL pastures
need to be further studied to provide a more comprehensive understanding of N sources supporting
the growth of grasses in tropical pastures.

Keywords: biological nitrogen fixation; nitrogen concentration; nitrogen transfer; 15N
natural abundance

1. Introduction

Deforestation in the tropics has been estimated at about 0.74 million km2 from 2000 to 2012 [1].
Nearly half of it occurred in the South American rainforest [1]. In the Amazon basin, most of the
cleared land has been converted to pastures sown with introduced grasses (mostly Urochloa spp.,
formerly known as Brachiaria) for livestock production [2,3]. In Colombia alone, more than 8% of the
remaining forest area has been lost since 2000, yielding one of the highest deforestation rates in South
America [2,4].

The majority of tropical pastures exist in some stage of degradation [5]. Pasture degradation
is understood as a marked reduction in livestock production due to a significant decrease in forage
yield and nutritional quality, the invasion of non-palatable plant species leading to bare soil patches
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(thus increasing susceptibility to erosion), soil compaction, acidification and reduced soil microbial
biomass [6–8]. This phenomenon has tremendous economic and ecological implications, as it leaves
large areas of degraded land and promotes a trend of continuing deforestation [9]. As an example of
economic implications, in Brazil, every year, about 8 million hectares of degraded pastures require
considerable investment for renewal and/or recovery [3], with an estimated annual cost of USD 100 to
200 ha−1, i.e., around USD 1 billion per year in total at country level [10].

The predominant soils of the deforested area in the Colombian Amazon are highly weathered
Haplic Ferralsols and Haplic Acrisols [11]. These acid soils typically have low total and available
phosphorus (P) contents. Overgrazing and reduced pools of available nitrogen (N) and P in soil are
seen as the principal causes of pasture degradation [6,8,12–14]. Thus, grass-legume (GL) associations
are an important alternative to grass-alone (GA) pastures because of N input from the legume through
symbiotic N2 fixation [15]. Examples of legume species sown in association with Urochloa grasses
are Pueraria phaseoloides, Arachis pintoi, Desmodium ovalifolium, Centrosema spp. and Stylosanthes spp.
Despite the aggressive growth of Urochloa grasses [15,16], stable Urochloa/legume associations are
possible where grazing is appropriately managed [17,18]. Provided sufficient P supply, tropical forage
legumes obtain at least 70% of their N through symbiotic N2 fixation [19]. A legume proportion range
from 20% to 45% of total pasture dry matter has been estimated to cover the N requirement of pasture
growth in the tropics [20], similar to grass-clover swards in temperate climates [21]. GL associations
also significantly improve animal (meat and milk) productivity [18,22]. Such improvements have
been largely related to the production of more forage biomass (mainly in dry season) and of better
quality. Mixed grass-legume diets provide highly digestible protein, less structural carbohydrates and
therefore increase animal forage voluntary intake, efficiency of nutrient conversion and live weight
gain more than diets based on N fertilized grass monocultures [23–25]. Whilst the agricultural and
environmental benefits of integration of legumes in tropical pastures have repeatedly been shown in
researcher-managed fields [18], the adoption of legumes by farmers has remained rather small.

In pastoral systems, the quantity and quality of plant litter inputs are crucial for nutrient cycling [26].
In addition to aboveground litter, belowground inputs composed by root and rhizodeposition may
enhance nutrient cycling and availability [27]. The belowground N input of clover growing in GL
mixtures under temperate climate was around 40% of aboveground N [28] and about 50% of grass N was
legume-derived [29]. Grasses growing in association with legumes thus benefit from symbiotically fixed
N, with decomposing legume roots most likely being the main transfer pathway [29,30]. Preliminary
research work on the determination of δ15N values of shoot tissue as part of the study on pasture
degradation [8] suggests that Urochloa spp. have different N acquisition strategies, resulting in N
uptake from different sources, when growing alone than when growing with legumes. Indeed, Urochloa
spp. have a variety of strategies, which could affect the δ15N signature of their biomass [31]. First,
grasses of the genus Urochloa can obtain 20% to 40% of their total N in the plant from the atmosphere
through the association with N fixing bacteria (i.e., non-symbiotic N2 fixation) [32,33]. Secondly,
U. humidicola can suppress soil nitrification by releasing inhibitors from roots [34,35], which affects the
δ15N in plants [31]. Thus, the integration of legumes could advance toward improved N supply to the
associated grass, either via the provision of fixed N2, or via N sparing due to the reduced demand of
mineralized soil N to support legume growth.

In temperate GL pastures, grasses and legumes mutually benefit to acquire N from diverse
symbiotic and non-symbiotic sources, and transform N into biomass more efficiently than pure grass
or legume fields [36]. Nevertheless, in spite of the fact that in tropical grasslands the beneficial effects
of GL pastures on livestock productivity and soil fertility have been well studied, the underlying
processes such as symbiotic N2 fixation and N sources exploited by mixed pasture components have
rarely been determined under farmers’ pasture management conditions.

The objectives of this work carried out under conditions of farmers’ practice, at the plot scale were
to: (i) estimate the productivity and N uptake of GA vs. GL pastures; (ii) determine the symbiotic
N2 fixation by legumes; and (iii) evaluate the N sources of grasses growing alone vs. associated with
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legumes. We hypothesized that legumes would fix significant amounts of N, and that the associated
grasses in GL pastures would benefit from the symbiotic N2 fixation via legume N transfer, and that
this legume N transfer would result in lower δ15N value of grasses in GL than in GA pastures.

2. Materials and Methods

2.1. Study Sites

The study was carried out in farms located in the Caquetá Department of Colombia, within a
range of 1◦19′13.2” N to 1◦44′37.51” N, and 75◦15′40.69” W to 75◦46′10.4” W. The area is located in
the Amazonia Piedmont of the eastern Andean mountain range in a landscape mostly dominated by
degraded pastures. Average annual rainfall is 3758 mm and mean temperature 25.8 ◦C, with 1570 h of
sunshine per year (adapted from IDEAM [37]).

In the study region, the landscape predominates with rolling hills of slopes lower than 25%.
The soils originated from sedimentary parent material native of the Amazonic mega-basin [38].
The mineralogical fraction is constituted by gibbsite (Al(OH)3), kaolinite (Al2Si2O5(OH)4), mica and
goethite [α-Fe3

+O(OH)] [39]. The soils present low natural fertility, with textures ranging from silty
clay to sandy clay loam, low base saturation, extreme acidity, and exchangeable aluminum saturation at
toxic levels for most field crops [38]. Some soil characteristics of studied plots are provided in Table 1.

Ten paired areas (from 0.22 to 3.5 ha) with grass-alone (GA) and grass-legume (GL) pastures
in adjacent plots were identified in six farms. Informal interviews with the farmers indicated that
pastures were aged between 16 and 32 years, and were sown using tillage with a disc harrow and
applying between 0.2 to 1.0 Mg ha−1 of CaMg(CO3)2 in five of the farms, but no-tillage or liming
was used for establishing pastures in the sixth one (E1-2, Supplementary Table S1). Five of the six
farmers have repeated liming since the establishment of the pastures, with intervals of several years
(e.g., the plots F1-2 received lime six years before sampling). None of the farms received maintenance
fertilizers or renovated pastures by re-sowing them. The grazing management of the pastures is under
rotation, usually between one to three days of grazing and between 27 to 45 days of rest to permit
recovery and growth of the pasture, with a dual-purpose cattle system for milk production in five
farms and beef production in one farm. The establishment and management of pastures differ between
farms rather than pasture types. However, sometimes more productive animals graze on GL than
on GA (e.g., non-lactating cows grazing in GA), and the grazing duration gets adjusted according to
forage availability. Introduced grasses evaluated in the farms were Urochloa humidicola cv. Tully (CIAT
679), U. brizantha cv. Toledo (CIAT 26110), and U. decumbens cv. Basilisk (CIAT 606). The associated
forage legumes were either Arachis pintoi cv. Mani Forrajero (CIAT 17434) or Pueraria phaseoloides cv.
Kudzu (CIAT 9900). Detailed information about farms management and establishment of pastures,
and species found per farm is provided in Supplementary Tables S1 and S2.
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2.2. Plant and Soil Sampling

In each pasture, at the end of May 2019, a 25 m2 plot was fenced to impede animal grazing and
deposition of excreta for 45 days before sampling. In mid-July 2019, one sampling circle of 5 m radius
was delimited per plot. Topsoil samples (0–10 cm soil depth) were collected using an Eijkelkamp
Edelman soil auger in the center of the circle and in other six points that were equally distant to each
other in the periphery. Soil subsamples were then mixed and a composite sample per plot was air-dried
for 48 h and passed through a 2 mm sieve. A PVC frame of 1 m2 was placed randomly inside each
sampling circle. Shoot biomass in the frames was cut to ground level, and harvested after 45 days of
regrowth. This relatively long regrowth period was required, because the period fell into the rainy
season, with 356, 473 and 611 mm of precipitation during May, June, and July 2019, respectively [42].
Slow rates of regrowth resulted from both, high levels of precipitation and cloudiness during the
day, which may have resulted in lower level of photosynthetically active radiation [43], and it may
have been partially influenced by the low cutting level (<5.0 cm) used to homogenize the pasture
height before harvest. The harvested biomass was split into four botanical fractions: principal grasses
(Urochloa spp.), secondary grasses (native/naturalized e.g., Homolepis aturensis and/or Paspalum spp.),
legumes, and forbs. A plant litter composite sample was also collected. Plant litter was defined as
dead plant parts lying on the ground including dead and completely dry grass leaves still attached to
the shoot and senescent legume leaves. Plant samples were oven-dried at 60 ◦C for 72 h and their dry
matter (DM) weight was determined. A subsample of each fraction was ground using a cutting mill
(RETSCH, model SM 100) and pulverized using a home-made ball mill with a SIEMENS engine.

At the beginning of the study, we identified 10 paired GA and GL pasture plots. Nevertheless,
possibly due to seasonal changes, at the time of the sampling two GL plots showed legume proportions
that were lower than 3% and these two plots were not included to the total number of GL plots. Thus,
the final results reported were based on 10 GA and 8 GL plots with an average legume proportion of
35% (10–60%) with respect to the total green biomass DM of the plot.

2.3. Chemical and Isotopic Analysis of Plants and Soil

Plant and soil samples were analyzed for total N and C concentration, 15N/14N and 13C/12C
isotopic ratios by dry combustion using an NCS elemental analyzer coupled to an Isotope Ratio
Mass spectrometer (Vario PYRO cube, Elementar, Germany and IsoPrime100 IRMS, Isoprime, United
Kingdom) at ETH Zurich, Eschikon, Switzerland. The natural 15N abundance values are expressed as
δ15N, i.e., per mil (‰) 15N excess or depletion over the 15N/14N ratio of the air (Rair = 367.6 × 10−5) [44]:

δ15N (‰) =
15N/14N ratio sample − 15N/14N ratio air

15N/14N ratio air
× 1000, (1)

The δ13C is accordingly expressed as 13C excess or depletion over the 13C/12C ratio of the
international Vienna Pee Dee Belemnite (VPDB) standard (RVPDB = 1123.75 × 10−5). For calibration,
we used two international standards, IAEA-N-1 (δ15N = +0.4‰) and IAEA-N-2 (δ15N = +20.3‰),
peptone (δ15N = +6.7‰) and glycine (δ15N = +12.2‰) for nitrogen, and peptone (δ13C = −15.7‰) and
glycine (δ13C = −33.25‰) for carbon. Correction for instrumental drift was done by repeated
measurement of a sulfanilamide internal standard (δ13C = −28‰, δ15N = −0.8‰). Repeated
measurement of the sulfanilamide standard gave an analytical precision of 0.3‰ for δ15N, and 0.2‰
for δ13C. Calibrated pea grain was repeatedly measured as an internal quality check (δ13C = −24.7‰,
δ15N = +2.4‰).

The P concentration in the plant tissue was determined after digestion of 0.2 g of pulverized
leaf tissue with 2 mL of distilled water and 2 mL of concentrated HNO3 using a high-pressure single
reaction chamber microwave system (turboWave, MWS microwave systems) [45]. The P concentration
in the extracts was determined colorimetrically at 610 nm using the malachite green method [46].
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Nutrient (N and P) uptake per botanical fraction was calculated by multiplying their nutrient
concentration by the biomass production per m2. Total nutrient uptake was determined by summing
the nutrient uptake of each botanical fraction except plant litter in 1 m2.

The weighted δ15N of the swards (on a m2 basis) was determined by applying the formula:

Weighted δ15N (‰) =[(
δ15N Pg × N uptake Pg

)
+
(
δ15N Sg × N uptake Sg

)
+
(
δ15N Leg × N uptake Leg

)
+(δ15N Forbs × N uptake Forbs)]

Total N uptake of the plot ,
(2)

where Pg: principal grass, Sg: secondary grass, Leg: legumes, N uptake: N uptake in respective
botanical fraction, in g m−2. The weighed δ13C (‰) was calculated accordingly.

The weighted nutrient concentration of N and P of the total biomass per plot:

Weighted nutrient concentration
(
mg g DM−1

)
=

[(NCPg × biomassPg)+(NCSg × biomassSg)+(NCLeg × biomassLeg)+(NCForbs × biomassForbs)]

Total biomass of the plot

(3)

where NC is the nutrient concentrations (N or P, in mg g−1).

2.4. Legume N Derived From the Atmosphere

The proportion of N derived from the atmosphere (%Ndfa, i.e., fixed N) was determined by the
15N natural abundance method [44] and applying the following formula:

Ndfa (%) =
δ15N ref − δ15N leg

δ15N ref − B
× 100, (4)

where δ15Nref: δ15N signature of the non-fixing reference plant shoots, δ15Nleg: δ15N signature of the
legumes shoots, B: is the δ15N of Arachis pintoi or Pueraria phaseoloides shoots relying on atmospheric
N2 as a sole source of N and it accounts for any internal isotopic fractionation of legume plants [47].

For reference plant, we used the forbs growing in the sampling area, i.e., in association with the
legume. The δ15N of non-N2-fixing reference plant was assumed to be identical to the δ15N of soil N
taken up by the legume [48]. B values used in our study were obtained from previous reports for the
legume species studied or the most closely related species of the same genus. For Pueraria phaseoloides
the B value used was −1.22 [49]. For Arachis pintoi we used −0.88, the mean of three values reported
for Arachis hypogea [49–51].

The amount of N fixed was calculated for each GL plot by multiplying the N uptake in shoot DM
of legumes with the respective %Ndfa.

2.5. Data Analysis

Statistical analyses and figures were performed using R v3.4.4. Significant differences between
botanical fractions were assessed through a linear mixed-effects model treating pasture type and
botanical fraction as fixed factors, and farm as random effect using the packages ‘lme4′ v1.1-23 and
‘nlme’ v3.1-147 in R. Multiple comparisons between botanical fractions were evaluated with TukeyHSD
tests using ‘emmeans’ v1.4.8. To evaluate total differences between pasture types, weighted nutrient
concentrations and isotopic signatures were calculated per farm, and a second model was built treating
pasture type as fixed factor and farm as random effect. Analysis of δ15N of grass and legume species
followed the same model structure as for botanical fractions, considering species and pasture type
as fixed factors, and farm as random effect. Differences in %Ndfa between legume species were
not statistically tested due to very high differences in sample size (n = 6 for A. pintoi, and n = 2 for
P. phaseoloides). The correlation between δ15N of grasses and forbs, and the δ15N of grasses with grass
biomass and N concentration were tested with the Pearson’s correlation coefficient (r). Figures were
constructed using ‘ggplot2’ v2.2.1.
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3. Results

3.1. Dry Matter Productivity and Nutrient Uptake

Grass-legume pastures produced more plant biomass and had greater nutrient (N and P) uptake
than GA pastures. Excluding the plant litter fraction, the extent of increase in GL compared to GA
swards was up to 74% for shoot DM production (g DM m−2: 62 in GA vs 108 in GL), while it was more
than two-fold higher for N uptake (g N m−2: 0.8 in GA vs 2.2 in GL) and P uptake (g P m−2: 0.07 in GA
vs. 0.14 in GL) (Figure 1). The proportion of biomass of forbs in the total plant biomass of the pastures
was lower in the GL (3% of total DM) than in the GA pastures (16% of total DM).

  
(a) (b) (c) 

Figure 1. (a) Shoot plant biomass production (b) N uptake and (c) P uptake in grass alone and
grass-legume pastures for each plant fraction; n = 10 for grass alone and 8 for grass-legume pastures.
DM = dry matter. Different letters denote statistical differences for the total plant biomass production,
N and P uptake of the sward per pasture type (α = 0.05).

As expected, N concentrations were significantly higher in legume than grass shoots (Table 2).
In contrast, P concentrations did not differ significantly between grasses and legumes. Weighted N
concentration of GL plant biomass was 18% higher than that of the biomass in GA plots. No difference
was observed in weighted plant biomass P concentration between the two pasture types. Therefore,
the higher P uptake observed in GL than GA pastures resulted from greater DM production.
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3.2. Legume-N derived from the atmosphere

The weighted δ15N signature of the combined plant biomass of GA pastures was 4.6‰, while it
was 2.1‰ for GL pastures (Table 2). The δ15N signature of forbs was similar to that of soil N, whereas
that of principal grasses was on average by 1.4‰ (GA) and 2.3‰ (GL) less enriched than soil N
(Tables 1 and 2, Figure 2). Therefore, forbs were considered as more appropriate reference plants to
determine Ndfa than grasses.

Figure 2. Relationship between shoot δ15N signature of forbs and principal grasses sampled in
grass-alone (open triangles, n = 10) and grass-legume (full circles, n = 8) pastures. Pearson’s correlation
coefficient (r) = 0.76, p < 0.01.

Arachis pintoi was the legume species found in six out of eight farms, and P. phaseoloides occurred
in two farms. Average Ndfa derived for GL pastures using Equation (4) ranged from 60% to 99%
(average value of 80%, Table 3). A. pintoi showed on average 16% higher %Ndfa than P. phaseoloides.
The amount of N fixed in the biomass of legumes ranged from 0.15 to 3.7 g N m−2.

Table 3. Grass and legume species, average δ15N signature of shoots and %Ndfa ± standard deviation
of the mean observed per species. Ndfa = Nitrogen derived from the atmosphere, ns = not significant.

Pasture Type Species δ15N (‰) Ndfa (%)

Grass alone
U. brizantha 4.7 ± 4.2 ab -

U. decumbens 5.8 ± 1.1 b -
U. humidicola 3.2 ± 4.2 ab -

Grass legume

U. brizantha 4.9 ± 2.7 ab -
U. decumbens 5.0 ± 0.0 ab -
U. humidicola 2.0 ± 3.3 ab -

A. pintoi 0.4 ± 0.9 a 83.2 ± 14.0
P. phaseoloides 1.3 ± 0.6 ab 67.5 ± 9.2

Source of variation

Pasture type ns -
Species p < 0.05 -

Pasture type x species ns -
Farm (random) ns -

Different letters indicate statistical differences according to the TukeyHSD test (α = 0.05).

3.3. δ15N and δ13C Isotopic Signature of Pasture Components

Urochloa humidicola was the principal grass in four out of ten GA plots and three out of eight GL
plots, while it was U. decumbens in four GA plots and one GL, and U. brizantha in two GA and four
GL plots (Supplementary Table S2). The δ15N signature of principal grasses varied widely among
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plots of the same type of pasture. In three out of ten plots, the GA-principal grass showed δ15N lower
than 2‰, and in two of them (A2 and F1), even lower than the corresponding GL principal grass
signature (Supplementary Table S2). The average δ15N signature of shoot tissue of U. humidicola tended
to be lower than that of U. decumbens and U. brizantha, however, this difference was not statistically
significant (Table 3).

The δ15N of the principal grass was negatively related to the DM production of the principal grass
(r = −0.5, p < 0.05. Figure 3a), and positively related to the N concentration of the principal grass shoot
tissue (r = 0.5, p < 0.05. Figure 3b). However, this latter correlation was stronger in the GA pastures
(r = 0.68, p < 0.05) than in GL (r = 0.26, non-significant). At N concentrations higher than 14 mg g−1 in
the shoot tissue, the δ15N of grasses growing in GL pastures was lower than that of GA pastures by at
least 2‰ (p < 0.01).

 

(a) (b) 

Figure 3. (a) Relationship between biomass production and δ15N signature of principal grass shoot,
r = −0.5, p < 0.05. (b) Relationship between total N concentration and δ15N signature of principal
grass, r = 0.5, p < 0.05. Open triangles represent grass-alone pastures, n = 10. Full circles represent
grass-legume pastures, n = 8. H = Urochloa humidicola, D = U. decumbens, B = U. brizantha.

The δ15N values of the principal grass and the forbs were closely related (r = 0.76, p < 0.01.
Figure 2). The δ15N value of the principal grass was lower than that of the forbs, on average by 0.8‰
for GA pastures, and by 1.9‰ in GL pastures (Table 2, Figure 2).

The δ13C signature of grasses was significantly higher (less negative) than that of forbs and
legumes (Table 2). The type of pasture had no significant effect on δ13C of the botanical fractions and
soil organic matter (Tables 1 and 2, respectively).

4. Discussion

4.1. Legumes Improve Pasture Productivity and Nutrient Uptake

The average biomass production of 62 g m−2 in GA pastures was in the range obtained by
Fonte et al. [26] on farms in the same study region (average values of 101 g m−2 for Urochloa spp.
GA pastures which farmers had characterized as productive, and 47 g m−2 for degraded pastures).
Moreover, during the rainy season, as in our study and Fonte et al. [26], Gomez et al. [43] harvested
from fertilized Urochloa spp. GA pastures on average 250 g m−2 after 42 days of regrowth of the
pasture. Pasture biomass production was reduced by a factor of two to three during the wettest
months compared to drier months [43], and June 2019 had a very high amount of precipitation.
Lower biomass production during the wettest months was probably due to low soil oxygen levels
caused by waterlogging and/or lower rates of net photosynthesis associated with a lower level of
photosynthetically active radiation, which may have been driven by higher cloudiness [52].

The pastures containing legumes (i.e., GL) had a significantly higher biomass production (Figure 1a).
This is in agreement with earlier results obtained from on-station experiments. For instance, the DM
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production of GL pastures composed by U. decumbens and Calopogonium mucunoides was 1.25 times
greater than that of GA pastures containing U. decumbens alone in an experiment near Campo Grande,
Brazil [53], and DM production was doubled in experiments with U. decumbens and A. pintoi association,
as compared to U. decumbens alone in Carimagua, Colombia [17].

Because Urochloa grasses obtain atmospheric N2 via non-symbiotic N2 fixation [32,33,54], we used
the δ15N of the forbs as an indicator of the δ15N of available soil N. The strong depletion of δ15N in
legumes compared to the forbs and grasses indicated that legumes largely relied on atmospheric N
(Tables 2 and 3) [44]. The average value of 35% legume DM in the total pasture biomass is within the
range of 35–45% proposed by Thomas [20] required to maintain a balanced N cycle of tropical GL
pastures with a herbage utilization of 50–70% by grazing animals. The proportion of N derived from
the atmosphere (%Ndfa) observed with the legumes in this study was about 80% and this value is at
the high end of the range reported for tropical legumes [19,55]. This is remarkable because available
P concentrations of less than 2 mg kg soil−1 are considered as plant growth-limiting for both grasses
and legumes [56,57] and could, therefore, limit N2 fixation of legumes [19].

The amount of N fixed in the shoots of legumes observed in this study was 0.15 to 3.7 g N m−2

for 45 days of regrowth. Thus, the average increase in N uptake of 1.4 g m−2 in GL pastures than GA
pastures was largely due to N2 fixing ability by the legume (Figure 1b). Because on average around
80% was derived from N2 fixation, some legume N transfer to grasses might still explain the overall
greater N uptake in GL than GA pastures. In temperate GL meadows, about 50% of the grass N was
derived from the associated legumes [29]. Trannin et al. [30] suggested that the mineralization of root
residues from Stylosanthes guianensis was the major source of legume-N transferred to the associated
Urochloa decumbens. Moreover, greater N deposition through litter has been reported for GL pastures
than GA pastures [58].

The P uptake was doubled in GL compared to the GA pasture (Figure 1c), at similarly low
available P status of the soil (Table 1). It was reported that legumes such as A. pintoi acquire more P
from less available P pools from acid soil with its smaller root system than Urochloa grass [59]. Thus,
the increase of 72 mg P m−2 acquired by GL pasture can be attributed to the superior performance
of legume towards improved P cycling in the system through soil P pools [60]. According to the
farmers’ information, the GL pastures are grazed by more productive animals than the GA pastures,
and more P may hence be exported via animal products from plots containing legumes, as suggested by
Oberson et al. [61] for Urochloa-Kudzu pastures. Thus, legumes may take up more soil P and stimulate
biological P cycling (through plant litter, animal excreta and microbial turnover) to keep it in available
P forms. Although this could increase the risk of soil P mining [62], the strategic application of small
amounts of P fertilizer (10 kg ha−1 every two years as maintenance fertilizer) may overcome the risk
for soil P mining in grazed pastures [63].

4.2. What N Sources are Exploited by Grasses in Each Pasture Type

The δ15N of the principal grasses, all of which were Urochloa spp. grasses was higher than that
of the legumes except in two cases (Table 3, Supplementary Table S2). At the same time, their δ15N
was lower than that of the associated forbs (Table 2, Figure 2). This observation indicates that the
grasses, on average, were benefiting less from atmospheric N2 than the legumes, irrespective of the
underlying process.

The N concentrations of Urochloa spp. grasses observed in our study were higher than previous
reports [64], although it was not sufficient to sustain higher plant growth, as indicated by the lower
value of biomass production. At N concentrations higher than 14 mg g−1, the δ15N of the principal
grasses of GL was lower than that of GA pastures by at least 2‰. This suggests that legume N transfer
was a process involved in the provision of atmospheric N to grasses. Atmospheric N2 fixation seems to
make a significant contribution resulting in low δ15N values of the Urochloa grasses in both GA and GL
pastures (Table 3). Still, the contribution from non-symbiotic N2 fixation in GA may not be adequate
to sustain grass growth without the supply of N from the soil through mineralization. This finding
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is consistent with earlier reports that suggested no more than 20–40% of N in Urochloa grasses was
derived from the atmosphere via non-symbiotic N2 fixation [32,33].

C4 grasses typically have δ13C higher than −20‰, whereas C3 legumes usually have δ13C lower
than −20‰ due to differences in C isotopic fractionation during CO2 assimilation [65]. In our study,
the δ13C and δ15N of soil was not statistically different between pasture types, around −20‰ and 6‰,
respectively (Tables 1 and 2). While the former forest C3 vegetation still affects the isotopic composition
of soil organic matter C [66], the contribution of legume residues seems to not have been enough to
enrich the total soil N pool.

Although the grasses with the lowest δ15N and N concentration in shoot tissue were mostly
U. humidicola (Figure 3b), no clear pattern of distribution was observed among Urochloa species, either
for plant biomass production or N concentration (Figure 3a, b). We consider that the distribution of
grass species observed in our study is representative of the pastures in the region. However, to draw
valid conclusions on N uptake and utilization at the species level, a more balanced design with an
equal number of observations per species will be needed in future research.

Low 15N natural abundance in the shoot tissue of U. humidicola has been interpreted as an indicator
of high capacity of biological nitrification inhibition (BNI) in that grass [31]. Indeed, in our study,
U. humidicola showed the lowest δ15N values, both in GA and GL pastures, but this grass was found
to obtain a relatively significant proportion of N through non-symbiotic N2 fixation [33]. Our results
rather suggest that low δ15N of the grasses is an indicator of low N availability in soil [67], and grasses
adapted to N depleted soils can cope with either through BNI ability [31] and/or with non-symbiotic
N2 fixation [33].

5. Conclusions

In farmers’ long-term tropical pastures established in the forest margins of Colombia, legumes
associated with grasses (GL pastures) resulted in greater pasture biomass production than grass-alone
(GA) pastures. Legumes derived on average 80% of their N from symbiotic N2 fixation, despite low
fertility acid soils with low plant-available P content. Legumes significantly increased both N and P
uptake by the pasture biomass. The greater N uptake by legumes could be assigned mostly to N fixed
from the atmosphere. The δ15N signatures of grasses in GA vs. GL pastures suggested that sources of
grass N are affected by legumes integrated in the pasture. While lower δ15N values of grasses growing
in GL than GA pastures suggest that grasses could obtain fixed N via legume N transfer, exceptionally
lowδ 15N values of grasses in GA pastures indicate significant potential for N input via non-symbiotic
N2 fixation from the atmosphere. Overall, this study indicates that Urochloa grasses are capable to swap
N sources when these grasses are grown in association with legumes. The role of different soil-plant
processes such as BNI or N2 fixation from the atmosphere need to be further studied under field and
also controlled conditions. This missing knowledge is critical to define the sources of N for grass
growth, either in GA or GL pastures in the tropics.

Supplementary Materials: The following are available online at http://www.mdpi.com/1424-2818/12/11/419/s1,
Table S1: Establishment and management parameters of ten grass-alone (GA) and eight grass-legume (GL) paired
pastures in six farms in the Caquetá Department of Colombia, Table S2: Grass and legume species, δ15N signature
of shoots, and %Ndfa observed per species per farm.
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Abstract: Background: Functional diversity effects on ecosystem processes, like on soil erosion, are not
fully understood. Runoff and soil erosion in agricultural landscapes are reduced by the hydraulic
roughness (HR) of vegetation patches, which furthers sediment retention. Vegetation with important
stem density, diameters, leaf areas, and density impact the HR. A functional structure composed of
these negatively correlated traits involved in the increase of the HR would constitute a positive effect
of the functional diversity. Methods: Runoff simulations were undertaken on four mono-specific and
two multi-specific communities, using herbaceous plant species from North-West Europe, presenting six
contrasting aboveground functional traits involved in the HR increase. Results: An effect of dominant
traits in the community was found on the HR, identified as the community-weighted leaf density.
The non-additive effect of functional diversity on the HR could be explained by the presence of species
presenting large stems in the communities with high functional diversity. Conclusion: We argued
that functional diversity effect on the HR could change due to idiosyncratic effects of the plant traits,
which would be influenced by soil properties, phylogeny diversity, and plant species interactions.
These findings constitute an advancement in the understanding of plant trait assemblage on runoff and
soil erosion processes.

Keywords: functional diversity; hydraulic roughness; herbaceous vegetation; leaf and stem functional
traits; plant–runoff interaction; soil erosion control

1. Introduction

Natural ecosystem processes are driven by the plant functional traits in vegetation communities [1,2].
Plant functional diversity, defined as “the value, range and relative abundance of plant functional traits
in a given ecosystem” [3,4], can play a major role in ecosystem functioning and in supplying ecosystem
services [2,5–7]. Studies have focused on the effects of functional diversity on ecosystem processes to
understand if these effects were due to a dominant species composing the community or due to its
functional diversity [3,6,8,9]. The mass ratio hypothesis stipulates that ecosystem processes would be
driven by the traits of the most abundant species in the community, characterised as dominant species, and
is represented by the community-weighted mean traits [10,11]. On the contrary, the diversity hypothesis
specifies that ecosystem processes are driven by the trait diversity composing the plant community,
inducing complementarity effects among species [7,12]. Higher dissimilarity of traits in a community
would lead to a more complete use of resources and, thus, to a more important plant productivity [9,13],
as well as a stronger impact on less studied plant–soil related processes like soil erosion, through an
increase of hydraulic roughness and sediment retention [14].

The effect of plant functional diversity on soil erosion processes have recently appealed to the
interest of the scientific community that studies plant–soil erosion processes, although the results of the
functional diversity effects are contentious [14–16]. However, these studies focused on the effects of
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functional diversity of root traits of non-herbaceous communities, on soil stabilization and resistance
in mountainous or semi-arid vegetation, which are community structures selected under the erosion
processes, specific to these soil and climatic contexts [14,17,18]. In landscapes where annual crop fields
on loamy soils represent an important area, runoff and linear soil erosion are mainly reduced by the
hydraulic roughness in small vegetation patches [19]. Hydraulic roughness is defined as frictional
resistance due to the contact of runoff with the vegetation [20–24]. Hydraulic roughness of herbaceous
vegetation furthers sediment retention by reducing flow velocity; however, it is highly variable
depending on the plant species and traits [21,24–29]. A positive relationship between the aboveground
biomass and hydraulic roughness was highlighted, as an increase in the biomass productivity would
further hydraulic roughness and sediment retention [25]. The aboveground functional traits that
directly impact the hydraulic roughness for erosional events found under temperate climates were
identified by Kervroëdan et al. [26]—herbaceous vegetation with important leaf density, leaf area,
stem diameter, and stem projected area (stem area toward the flow direction) were found to be
the most efficient in increasing hydraulic roughness. Nonetheless, these results emphasized the
effects of negatively correlated trait combinations (i.e., leaf density and area) involved in hydraulic
roughness increase, which suggested that communities with a high functional diversity would reach
the best trade-off to maximize the vegetation effects on hydraulic roughness. A primary analysis
was undertaken on the effects of aboveground functional trait divergence in herbaceous vegetation
on the hydraulic roughness and sediment retention for processes occurring in loamy agricultural
soils, emphasizing a dominant effect of the community-weighted traits in vegetation [16]. However,
these results highlighted the need to deepen the understanding of the effects of functional diversity
on runoff and linear soil erosion processes, by integrating a functional diversity gradient within the
tested conditions.

In this study on trait-based plant ecohydrology, we aimed to examine the effects of functional
diversity on hydraulic roughness, based on a functional diversity gradient, by using four monospecific
and two multi-specific communities. We predicted that functional diversity increased the hydraulic
roughness, by exerting a synergistic effect. The stem and leaf traits involved in the hydraulic roughness
increase (stem diameter and projected area; leaf density, area, and specific area) would present a
complementarity in the space-use, representing a competitive balance among the species in the
community. The communities with a high differentiation degree among these traits will, thus, use the
aboveground space more efficiently and lead to an increase in hydraulic roughness.

2. Materials and Methods

2.1. Plant Material

Four indigenous plant species from North-West Europe that presented selected functional types,
contrasting aboveground functional traits, and that were involved in the increase of hydraulic roughness
(leaf—area and density; stem—projected area, diameter, and density) [26], were used in the present
study. The chosen plant species presented a minimal vegetative height within the range of 20 and
60 cm, in order to limit competition for light and ensure a uniform development of each species in the
plots. Three replicates of monospecific and two multi-specific communities of Carex flacca Schreb. I,
Tanacetum vulgare L. (T), Festuca arundinacea Schreb. (F), and Phalaris arundinacea L. (P), with contrasting
traits were tested (Figure 1A). There were two types of multi-specific communities, one composed
of C. flacca, T. vulgare, and F. arundinacea (CTF); and the other with C. flacca, T. vulgare, F. arundinacea,
and P. arundinacea (CTFP). Each species was collected in their natural habitat in March 2016 (i.e., three
months before the experiments), to ensure the creation of densely planted plots with grown individuals.
The experiments were ex-situ and the plants were planted in a 60 × 30 × 15 cm wooden frame with a
grid fence at the bottom to allow the roots’ development. The multi-specific plots were covered with
the same proportion of each species, which were placed such that patches of the same species would
not be in contact.
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Figure 1. Experimental design: (A) Three levels of plant functional diversity with four monospecific
and two multi-specific conditions; and (B) runoff simulator set-up used for the experiments and water
level measurement. The photos of the plots were taken 1.5 month prior to the experiments. C – Carex
flacca, T—Tanacetum vulgare, F—Festuca arundinacea and P—Phalaris arundinacea; CTF—Carex flacca +
Tanacetum vulgare + Festuca arundinacea; CTFP—Carex flacca + Tanacetum vulgare + Festuca arundinacea +
Phalaris arundinacea.

2.2. Plant Functional Traits Measurements

Six aboveground functional plant traits (stem—density, diameter, and projected area; leaf—density
and area) that are known to increase the hydraulic roughness [29], were measured on three levels along the
stem—between 0 and 5 cm, 0 and 10 cm, and 0 and 20 cm. Guidelines from Pérez-Harguindeguy et al. [30]
were followed regarding the sampling collection, samples conservation, and analyses methods. As analyses
could not be performed directly after sampling, the leaves were stored in sealed bags with moist tissue
until measurements, and were then dried at 70 ◦C for 72 h.

As the plots presented a homogeneous plant cover, all traits measurements were carried out
within one quadrat (10 by 10 cm) per monospecific community plot and one quadrat per species within
the multi-specific community plots. The determination of stem density (stem dm−2) included plant
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stems, as well as pseudoculms for the sedges species (Cyperaceae) and tillers for the grass species,
which here are considered to have the same functional effect on hydraulic roughness, as the stems.
The stem diameter (mm) was measured on three representative stems and was used to determine the
stem projected area (mm2) of each stem, using the rectangle area formula. The leaf area (mm2) and
the specific leaf area (mm2 mg−1) were estimated from six representative leaves, which were scanned
using a 600 dpi resolution and the images were processed using Gimp 2.8. The aboveground biomass
(g) was entirely removed, dried at 70 ◦C for 72 h and weighted.

Furthermore, the density of traits within the quadrat was calculated through the product of (1)
the leaf traits by the leaf density and (2) the stem traits by the stem density. These densities and the
traits were dissociated with a “D” in front of the trait names.

2.3. Characterisation of the Community Functional Structure

Both multi-specific communities were created with an equal abundance of each species. The CTF
communities accounted for 33% of each species (C. flacca, T. vulgare, and F. arundinacea) and the CTFP
communities accounted for 25% of each species (C. flacca, T. vulgare, F. arundinacea, and P. arundinacea).

The community-weighted traits (CWT) were calculated, for each trait in both multi-specific
communities, as the mean trait value after each trait was weighted by the abundance of each species
composing the community [11,31]:

CWTi =

ni∑

k=1

Ak,iTk,i, (1)

where CWTi is the community-weighted value of the trait in the community i, Ak,i, and Tk,i are,
respectively, the relative abundance and the trait value of the species k in the community i and ni is the
number of species in community i.

The functional variance (FDvar) was calculated for each trait in both multi-specific communities.
FDvar represents the variance of the trait values of the species in the community [32]:

FDvar =
2
π

arctan[5
N∑

i=1

[
(
ln Ci − ln x

)2
Ai, (2)

where Ci is the value of the trait i, ln x is the weighted logarithmic mean of the trait and Ai is the
abundance of the species with trait i [32,33].

The Rao’s quadratic entropy (FDQ) [34], a multidimensional index of the functional diversity to
reflect the diversity hypothesis, was also used to characterize the functional divergence within the
multi-specific conditions. It is a generalized form of the diversity Simpson index [35] and combines
a measure of the pairwise functional differences between species and the relative abundance of the
species [36]. The FDQ was determined using the package FD in R (version 3.3.2).

2.4. Hydraulic Measurements

The effect of the functional diversity on the hydraulic roughness was measured using a runoff
simulator that recreated a flow at set discharges in controlled conditions [37]. The flow discharge was
monitored through Venturi channels (flow range of 0.06–6 L s−1) and ultrasound probes measuring
the water level in the channels (±1.26 mm), located in the upper and lower parts of the simulator.
This system was manufactured by ISMA, France [37]. Measures of the hydrological processes were
carried out in the central part of the simulator, a channel area which consisted of two 5.40 m galvanized
iron sheets buried 60 cm away from each other on a 5% levelled slope. The entire channel area
was waterproofed using a tarpaulin to avoid water losses during the experiment, such as leaks and
infiltration in the ground. The plot was located 4 m away from the head of the channel in a 17 cm deep
rectangular hole to level the plants with the channel (Figure 1B). To measure the channel topography
and the backwater level in front of the plants, five spacers were placed upstream of the plot, from
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approximately 1.46 m from the channel head, every 0.75 m. Each spacer was levelled and its elevation
was measured to use them as elevation-known baselines for the water level measurements.

In order to investigate the behaviour of the plant communities towards processes occurring more or
less frequently, four discharges were used: 2, 4, 8, and 11 L s−1 m−1 at ±7% (observed approximately every
0.5, 1, 2, and 5 years, respectively, in 5 ha catchments with a 5 m-wide thalweg [37]). Discharges were
continuously monitored through both upstream and downstream flowmeters. When the upstream and
downstream discharges were equivalent, the water levels were measured as the perpendicular distance
between the bottom of the spacer and the top of the water flow (Figure 1B), using the closest spacer
upstream of the plot. Seven vertical water profiles were made per discharge per plot, one every 10 cm
along the spacer from the edges of the channel.

The unit stream power (USP) was used here as a proxy to characterize the hydraulic roughness,
being often used as a sediment transport capacity index [38,39], as it represents the “energy dissipation
per unit of time and per unit of weight of the flow” [39]:

USP = VS, (3)

where USP (m s−1) depends on V, the mean velocity of the flow (m s−1), and S, the slope of the channel
(m m−1). The USP is negatively related to the hydraulic roughness—the lower it is, the higher is the
hydraulic roughness. The Manning n coefficients and the water levels data at each discharge for each
condition are provided as supplementary data (Table S1).

2.5. Data Analysis

Mann Whitney and T tests were conducted on the functional variance for each trait to analyze the
variation of the functional structure between the two multi-specific communities. After regrouping
the data under the categories “monospecific” and “multi-specific”, Mann Whitney analyses were
performed on the USP data to compare (1) the mean value of monospecific communities with the
multi-specific communities and (2) both multi-specific communities. The monospecific P community
data were excluded from the analysis for the comparison with the three-species communities (CTF).
ANOVA and Tukey post-hoc tests were then computed on the USP data to examine the differences
between each community category to understand if one species/community had more impact on the
USP than another.

ANOVA and Kruskal-Wallis analyses, as well as respective post-hoc tests Tukey and Mann-Whitney
were used on the traits, the community-weighted traits and the biomass data, according to the normality
of the data, to examine the differences in trait and community-weighted trait compositions between
the communities. Moreover, after combining the data under “monospecific” and “multi-specific”
categories, Mann Whitney analyses were carried out on the biomass and the community-weighted trait
data, to compare the mean value of the monospecific communities with the multi-specific communities.
Regarding the analysis of the CTF communities, the monospecific P communities were removed from
the data.

All statistical analyses were computed using the statistical software R (version 3.3.2).

3. Results

3.1. Variation of Community-Weighted Trait and the Unit Stream Power

According to the results from the comparison analyses between each community on the USP,
only the F. arundinacea in monoculture presented a significant difference to the other communities
(Figure 2). Similar results were found at each tested discharge (Table 1). There were no significant
differences between the other communities studied. The results on the aboveground biomass did
not show any differences between the mean of the monospecific with the multi-specific communities
(Figure 3). The analyses comparing the biomass productivity of all the conditions showed a significant
difference between C. flacca and T. vulgare (with a trend between C. flacca and all other communities,
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as well as between T. vulgare and F. arundinacea, as the p-values from the Mann-Whitney tests were
0.057). Regarding the community-weighted trait analysis, all ANOVA/Kruskal-Wallis tests were
found to be significant (Table 2). Except for the CW leaf area (CW-LA), CW leaf density (CW-LD;
0–10 cm), CW leaf density (CW-LD; 0–20 cm), and CW density-weighted SLA (CW-DSLA; 0–10 cm),
both multi-specific communities showed no significant difference from any monospecific community.
CW density-weighted stem projected (CW-DSA) and CW density-weighted stem diameter (CW-DSDm),
for all levels along the stem, showed only a difference of F. arundinacea, within the monospecific
communities. Differences between F. arundinacea and the multi-specific communities were found for
the CW leaf density (0–20 cm) (with both multi-specific communities) and CW leaf density (0–10 cm)
(only with CTFP).

Figure 2. Differences between each community, at discharge 2 L s−1 m−1. The bars represent the
mean ± standard error. The letters represent the significant differences between each community
according to the Tukey post-hoc tests. The arrow represents the increase of the functional diversity
between both multi-specific conditions (with Rao’s quadratic entropy (FDQ)).

Figure 3. Differences in biomass productivity between the mean of the monospecific communities
and the multi-specific communities. The bars represent the mean ± standard error. Significance level:
ns = not significant.
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3.2. Variation of Functional Diversity within the Communities

The results on the functional variance showed significant differences and a higher variance of the
traits in CTFP than in CTF, except for the leaf area (LA) and the density-weighted leaf area (DLA; 0–5 cm)
(Table 3). The values of FDQ found for the community CTF was 10 and 11.25 for the community CTFP.

Table 3. Summary of the functional diversity variance FDvar for both multi-specific communities and
results from the T and Mann-Whitney tests.

Traits CTF CTFP t/W

LA (mm2) 0.7454 (±0.0836) 0.7614 (±0.0735) −0.24864 ns
LD5 (dm−2) 0.9855 (±0.0009) 0.9883 (±0.0006) −4.5579 *

LD10 (dm−2) 0.9879 (±0.0008) 0.9905 (±0.0007) −4.1791 *
LD20 (dm−2) 0.9889 (±0.0009) 0.9917 (±0.001) −3.6474 *

DSA5 (mm2 dm−2) 0.9967 (±0.0002) 0.9974 (±0.0002) −4.9464 *
DSA10 (mm2 dm−2) 0.9972 (±0.0002) 0.9979 (±0.0001) −5.5758 **
DSA20 (mm2 dm−2) 0.9976 (±0.0001) 0.9982 (±0.0001) −6.6792 **
DSDm5 (mm dm−2) 0.9878 (±0.0013) 0.9903 (±0.0009) −2.7224 ◦
DSDm10 (mm dm−2) 0.9878 (±0.0012) 0.9902 (±0.0009) −2.8 ◦
DSDm20 (mm dm−2) 0.9878 (±0.001) 0.9902 (±0.0009) −3.0036 *
DLA5 (mm2 dm−2) 0.9986 (±0.00003) 0.999 (±0.00003) 0 ns

DLA10 (mm2 dm−2) 0.9987 (±0.00002) 0.9991 (±0.0001) −11.108 **
DLA20 (mm2 dm−2) 0.9988 (±0.00003) 0.9992 (±0.0001) −8.8503 **

Data are FDvar mean values (±standard deviation) and t values of T tests and the W value of Mann-Whitney
(in bold) test. CTF—Carex flacca + Tanacetum vulgare + Festuca arundinacea; CTFP—Carex flacca + Tanacetum vulgare
+ Festuca arundinacea + Phalaris arundinacea; LA—leaf area; LD—leaf density; DLA—leaf area density; DSA—stem
area density; and DSDm—stem diameter density. Significance levels: *** = p < 0.001; ** = p < 0.01; * = p < 0.05;
◦ = p < 0.1; ns = not significant.

3.3. Variation of Functional Diversity and the Unit Stream Power

The comparison analysis of the USP values for the monospecific communities and for the
multi-specific communities, using the Kruskal-Wallis tests, showed no significant differences for any of
the combinations tested (Figure 4). Moreover, no difference was observed between both multi-specific
communities and the USP did not show a decrease of its value with an increase of functional diversity
in the communities (Figure 4). Similar results were found through all tested discharges.

Figure 4. Differences between the mean of the monospecific and the multi-specific conditions at the
discharge 2 L s−1 m−1. The bars represent the mean± standard error. Significance level: ns = not significant.
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4. Discussion

4.1. Non-Additive Effect of the Functional Diversity on Hydraulic Roughness

The hydraulic roughness is mainly increased by aboveground plant functional traits in herbaceous
plant communities, inducing sediment retention. Associating contrasting traits within a plant community
would lead to a better trade-off in the traits values and would more efficiently increase the hydraulic
roughness and sediment retention [26]. An increase of functional variance was observed for most of
the traits with an increase of functional diversity in the multi-specific conditions. These differences in
functional diversity observed among the communities should have led to an additive effect on hydraulic
roughness. Indeed, the complementarity hypothesis stipulates that the diversity in trait attributes in a
community influences the ecosystem processes, by inducing synergetic effects of functional diversity
(i.e., complementarity or facilitation effects) among the coexisting species [7,40]. However, the results
did not show any synergetic effect of the functional diversity on hydraulic roughness, in the presence
of contrasting traits. This could be justified by the absence of complementarity between the traits,
as there were no significant difference between the mean of the monospecific and the multi-specific
communities, nor between both multi-specific communities presenting different functional diversities
(FDQ). These findings highlighted the dominant effect of the community-weighted traits of specific
species in the communities, on runoff. The vegetation effect on the hydraulic roughness was, thus,
driven by the traits of one or more species in the community, which presented a dominant effect on
the process compared to the traits of other species [6,10,11]. The results emphasized the effects of
the community-weighted trait of F. arundinacea on hydraulic roughness being the only species that
was significantly different from the other communities, which would be led by the different CW leaf
densities (0–20 cm and 0–10 cm), which is a major trait that is known to positively impact hydraulic
roughness [26]. While similar effects of the dominance of community-weighted traits on soil retention
have been observed in mixtures of different functional types [15] and herbaceous vegetation [16],
additive effects of functional diversity on erosion rates were also shown [14]. These opposing effects
of functional diversity on the hydraulic roughness and erosion rates could be explained by the
idiosyncratic effects, which represent the contrasting effects of functional diversity affected by species
and trait interactions, and soil–plant interactions. Idiosyncratic effects could be influenced by the
functional structure within the communities [15]. Within the chosen species, T. vulgare presented larger
stem diameters than other species, but if the proportion of large stem diameters was too high in the
community, preferential flow paths would be taken by water, limiting the effects of denser individuals,
which would impact the effect of functional diversity on hydraulic roughness [15,19]. This hypothesis is
consistent with results showing that the presence of functional types with larger stem diameters would
influence the water path within a vegetation and, thus, displayed no effect of community functional
diversity [15]. These findings are also coherent with primary results obtained on herbaceous vegetation,
showing the negative influence of plants with low stem density, large diameters, and low leaf density,
by reducing the hydraulic roughness and sediment retention within multi-specific communities [16].
The perspective is to study a gradient of functional structure, using a variation of abundances of large
stem diameters, to confirm and show the idiosyncratic effects of functional diversity on water flow.

4.2. Implication to Design Herbaceous Hedges for Sediment Retention

These findings constitute an advancement in the understanding of community functional structure
effects on runoff and hydraulic roughness. The results highlighted that the presence of high leaf density
species would tend to dominate the community effects on hydraulic roughness and, thus, sediment
retention. This response was found to be independent from the intensity of the event occurrence,
as similar results were found for all tested discharges.

In order to model the effects of multi-specific plant communities on runoff and sediment retention
processes, the community-weighted mean value of traits could be implemented, as, depending on the
functional structure of the community, a non-additive effect of functional diversity could be found.
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The integration of the community-weighted traits into modeling vegetation effects would allow to
take this dominance effect into account and modeled the community overall effects on runoff and soil
erosion in herbaceous hedges that were essentially involved in sediment retention.

Moreover, an absence of negative effect of the functional diversity was found in this study;
however, a high competition within the herbaceous hedge due to the species combination could lead
to a decrease of stem and leaf densities in the plant community and, thus, to a negative effect of
functional diversity on hydraulic roughness. Using combinations of species involved in hydraulic
roughness, within the hedge design for increased soil erosion control, is recommended, as long as the
competitiveness of the plants (e.g., same range of vegetative height) is taken into account in the species
selection process. Indeed, using multi-specific communities would create multi-functional ecosystems
that could offer other ecosystem services, such as biodiversity conservation through the creation of
new habitats and the enhancement of ecological connectivity, to mitigate biodiversity erosion [41].

5. Conclusions

This ecohydrology study allowed to identify the relationship between the aboveground functional
structure and the hydraulic roughness. The results showed that there was no influence of the functional
diversity on the hydraulic roughness but rather an effect of the dominant traits was observed in the
community, identified as the community-weighted leaf densities. The absence of functional diversity
effect on hydraulic roughness would be explained through the idiosyncratic effects of the traits. A new
perspective would be to study the functional diversity effects on a wider diversity gradient of candidate
species that are involved in the increase of hydraulic roughness, in order to explain the contrasting
results found for the functional diversity effects on sediment retention and runoff processes.

Supplementary Materials: The following are available online at http://www.mdpi.com/1424-2818/12/4/131/s1.
Table S1: Differences in Manning n coefficient and water levels for each community tested at each discharge.
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Abstract: Wine grape production is an important economic asset in many nations; however,
a significant proportion of vines succumb to grapevine trunk pathogens, reducing yields and
causing economic losses. Cover crops, plants that are grown in addition to main crops in order to
maintain and enhance soil composition, may also serve as a line of defense against these fungal
pathogens by producing volatile root exudates and/or harboring suppressive microbes. We tested
whether cover crop diversity reduced disease symptoms and pathogen abundance. In two greenhouse
experiments, we inoculated soil with a 106 conidia suspension of Ilyonectria liriodendri, a pathogenic
fungus, then conditioned soil with cover crops for several months to investigate changes in pathogen
abundance and fungal communities. After removal of cover crops, Chardonnay cuttings were grown
in the same soil to assess disease symptoms. When grown alone, white mustard was the only cover
crop associated with reductions in necrotic root damage and abundance of Ilyonectria. The suppressive
effects of white mustard largely disappeared when paired with other cover crops. In this study, plant
identity was more important than diversity when controlling for fungal pathogens in vineyards.
This research aligns with other literature describing the suppressive potential of white mustard
in vineyards.

Keywords: grapevine trunk disease; cover crops; biofumigant; young vine decline;
plant-microbe interactions

1. Introduction

Grapevines (Vitis vinifera L.) are one of the most widely grown crops worldwide and an
important economic commodity, especially in British Columbia where vineyards account for a
total of 9652 hectares [1]. Grapevines experience multiple challenges, including competition with
weeds [2], nutrient leeching [3], root lesion nematodes [4], viral infections [5], and especially fungal
diseases [6] that reduce profit for growers. Although historic reports of fungal diseases exist [7], this
problem has gained a considerable amount of attention in the 1990s [6] as wine grape production
increased in Australia, Canada, the United States, and South Africa, among other countries [8–10].

Young vine decline (YVD) is a type of grapevine trunk disease that results in stunted growth,
reduced yield, delayed fruiting, root necrosis, and eventually death in young vineyards 5–7 years
old [11]. YVD occurs in British Columbia and other major wine grape regions around the world [6,12],
resulting in significant economic losses [13]. YVD is considered a disease complex whereby the physical
symptoms observed are a result of abiotic and biotic factors. Among many of the biotic stressors
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is Ilyonectria, a genus of soil-borne fungi and a causal agent of YVD [14]. Moreover, these fungi are
generalist pathogens and are known to infect the roots of certain apple and cherry cultivars [15].
Ilyonectria is not only confined to vineyard soil, but also found in nurseries all over the world that often
serve as breeding grounds for the pathogen [12,16,17].

In Canada, there are no commercially available fungicides or fumigants for managing young vine
decline and other grapevine trunk diseases (GTDs) [18]. Methyl bromide, a once popular soil fumigant,
has been phased out due to its toxicity and ozone depletion [19], and has been shown to reduce
arbuscular mycorrhizal (AM) fungi and other beneficial organisms [20]. Available fumigants such as
1,3-dichloropropene and chloropicrin do not protect against the full spectrum of fungal pathogens
including Phytophthora and Fusarium [21]. In addition, fungicides that are applied directly to plants
as a liquid or powder coating can enter soil and accumulate overtime, reducing microbial diversity
and activity [22]. Other approaches for controlling grapevine trunk pathogens include hot water
treatment, in which propagation material is soaked in hot water (~50 ◦C) for a specified time [23,24].
This approach carries risks however, as improper procedures can damage propagation material and
reduce vigor [25].

Cover cropping is a potential tool to mitigate GTDs in vineyards. Traditionally, cover crops have
been grown to reduce soil erosion [26], increase available nitrogen for grapevines [27], control pests [28],
and suppress weeds via allelopathy [29]. Growers also use cover crops to decrease vegetative growth
in high vigor situations, which reduces canopy cover and improves the microclimates for ripening
fruits [30]. Although cover crops have a long history of use in vineyards, their potential to mitigate
soil-borne diseases has not been fully explored.

Existing literature highlights the biofumigant effects of brassicaceous crops (mustards/crucifers)
that have exhibited suppression of soil-borne pathogens in vineyards and nurseries [31,32]. Other
cover crops including forbs, legumes, and grasses may help reduce soil-borne diseases by harboring
beneficial and antagonistic microbes [33,34], or via host dilution in which the risk of infection decreases
with increasing host diversity [35]. The different mechanisms of suppression though these plants
provide an incentive to implement cover crop diversity in vineyards as a management strategy for
soil-borne diseases.

A diverse plant community can increase soil microbial diversity [36], biomass [37], and activity [38]
via root exudation, rhizodeposition, and plant litter [39,40], which can improve ecosystem services.
Soils from long term grasslands and forests contain plant growth-promoting rhizobacteria (PGPR),
which can suppress pathogens when added to agricultural soil [41,42]. Implementation of cover crops
in vineyards can increase the activity of PGPR [43,44], which are commonly found in soil [45,46]. If
beneficial microbes can be isolated from nearby soil and used to reduce disease symptoms in agricultural
plots, it is possible that cover crops can provide similar soil inputs and encourage proliferation of
microbes that suppress fungal pathogens.

To date, most cover crop experiments use commercial rather than native plants [47,48], and the
efficacy of native cover crops has not been studied extensively in vineyards [49–52]. Plant provenance
may be as important as diversity due to local adaptation and coevolution between native plants and
their microbial counterparts [53]. This is observed in highly specific legume-rhizobia interactions [54,55]
and could hold true for other plant–microbe interactions.

In many “home vs away” studies, plants perform better when grown with soil from the same
region as the plant [56–58]. Moreover, decomposition rate is increased when a plant litter is sympatric
to the soil compared to allopatric soils [59,60]. Since plant–microbe interactions heavily depend on
genotypic differences [61] and resource availability [40,62], microbial communities under native plants
may differ compared to common cultivar cover crops, leading to differences in ecosystem services and
possibly the suppression of pathogens. Given these circumstances, native cover crops may stimulate
and harbor local microbial communities through more-efficient interactions based on root exudation,
litter decomposition, and chemical signaling that has been subject to selective forces over many
generations [63].
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To evaluate the effect of cover crop diversity on GTD symptoms and the abundance of pathogenic
fungi, the effects of single cover crops grown on their own were compared to the same cover crops
grown together. Using native and common cover crops, we hypothesized that mixtures of cover crops
would result in fewer disease symptoms, reduce pathogen abundance, and increase fungal diversity
more than any plant on its own. The present study provides insight into cover crop management in
vineyards, primarily in the context of disease mitigation.

2. Materials and Methods

2.1. Establishment of Experiments

In order to understand the effects of cover crop diversity on GTD symptoms, we established two
separate greenhouse experiments at the Summerland Research and Development Centre (SuRDC) in
Summerland, BC, Canada:

“Cultivar Study”. This experiment used four cover crops that are commonly used in vineyards
(Table 1). Crimson clover (Trifolium incarnatum L.) and buckwheat (Fagopyrum esculentum Moench)
were purchased from a local supplier (WestCoastSeeds, Vancouver, Canada), while white mustard
(Sinapis alba L.) and wheatgrass (Triticum aestivum L.) were purchased from a commercial seed supplier
(Richters, Ontario, Canada).

Table 1. Selected cover crops for native study and cultivar study greenhouse experiments. Native
plants were collected in the Okanagan Valley, while seeds of cultivar plants were purchased from seed
suppliers. N/A = not applicable.

Treatment Latin Binomial Study Diversity Group Life Cycle

Crimson clover Trifolium incarnatum Cultivar 1 Legume Annual
Wheat Triticum aestivum Cultivar 1 Grass Annual

Buckwheat Fagopyrum
esculentum Cultivar 1 Forb Annual

White mustard Sinapis alba Cultivar 1 Brassica Annual
All cultivar Cultivar 4 Annual

Fallow N/A Cultivar 0 N/A N/A

Silky Lupine Lupinus sericeus Native 1 Legume Perennial

Bluebunch wheatgrass Pseudoroegneria
spicata Native 1 Grass Perennial

White yarrow Achillea millefolium Native 1 Forb Perennial
Holboell’s rockcress Bochera hoellbelii Native 1 Brassica Perennial

All native Native 4 Perennial

“Native Study”. This experiment used four plants native to the southern interior British Columbia
as cover crops. We used white yarrow (Achillea millefolium L.) and silky lupine (Lupinus sericeus
Pursh), which were sourced from a local supplier (Xeriscape Endemic Nursery, West Kelowna, BC,
Canada) along with bluebunch wheatgrass (Pseudoroegneria spicata Pursh, Löve), which was collected
in Summerland, BC. Holboell’s rockcress (Bochera hoellbelii Hornem, Löve) seeds were donated by
SeedsCo Community Conservation, a local native plant supplier (Table 1).

2.2. Effect of Cover Crop Diversity on Disease Symptoms

In order to observe the effect of cover crop diversity on incidence of disease, each species for the
native and cultivar studies was grown on its own (monoculture) as well as with all other plants (all
native or all cultivar), totaling five treatments and 10 replicates per treatment for each study (Table 1).
In addition to the cover crop treatments, the cultivar study had an additional “fallow” treatment
in which the soil was kept bare. This treatment was not seeded with cover crops to determine the
incidence of disease and grapevine growth without the addition of inoculant or cover crop. Both
experiments consisted of a randomized block design with 10 blocks (five blocks per table) to account for
environmental variation inside the greenhouse and the rectangular shape of the tables. Each treatment
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was assigned to its block via random number generation. Treatments were standardized to four plants
per pot such that monoculture pots consisted of four plants of the same species while all native and all
cultivar pots consisted of one individual for each species totaling four plants (Table 1).

2.3. Location and Greenhouse Conditions

Plants were grown in a greenhouse at SuRDC (49◦33’57.8” N 119◦38’10.0” W) from 27 April 2018
to 4 March 2019. To reduce stress during warm summer months, the room was cooled by a fog system
that turned on when temperatures rose above 28 ◦C and shade curtains were activated from 12:30 p.m.
until sunset. During the spring and fall, daytime and nighttime temperatures were kept at 20 and 15
◦C, respectively, with supplementary lights to maintain 15-hour days.

2.4. Soil

Soil was collected at SuRDC on 21 March 2018 from a small cherry block. This soil is described
as a Skaha loamy sand which had previously harbored apples (Braeburn grafted to M.26 rootstock)
until it was replanted with sweet cherry during the 2014 growing season (Table A1) [64,65]. Fusarium,
Ilyonectria, and Rhizoctonia species (which are known to infect grapevine roots) were previously isolated
from this site [64], increasing the likelihood of resident pathogens already in the soil. Soil was collected
from the northwest guard zone, which consisted of a sweet cherry row that separated treatments from
the access road. A trench (250 × 40 × 25 cm) was dug, keeping as close to the row as possible. Soil
was thoroughly homogenized by hand on a large tarp and stones were removed before the soil was
transferred into 3-liter nursery pots that were filled, leaving a gap of 4 cm from the top to prevent
water overflow. Nursery pots were placed in SuRDC greenhouse facilities for the duration of the study.

2.5. Pathogen Incubation and Inoculation

We inoculated each pot with three isolates of Ilyonectria liriodendri (SuRDC 340, 60, 393) to
increase the likelihood of infection. This pathogen was previously isolated from vineyards in British
Columbia [6] and the isolates were selected for their ability to grow and sporulate. The addition of
inoculum also ensured the presence of YVD pathogens that could infect grapevine cuttings. Single
cultures of each isolate were incubated for one week (22 ◦C) using 5% potato dextrose agar (PDA)
solution (autoclaved at 121 ◦C for 30 minutes). Cultures were propagated by cutting a 1 cm2 slice
of colonized agar and placing it upside down on new PDA until enough material was available
for inoculation of all pots. Plates were examined under a compound light microscope to observe
sporulation before inoculum preparation. A 106 conidia spore suspension was created for each isolate
by flooding the agar plates with 1% tween solution and disturbing the surface with a metal utensil. The
liquid was then passed through double-layer cheese cloth to form the stock solution. A hemocytometer
was used to count conidia spores and make the specified concentration. Soil was inoculated on 24 April
2018 by pouring 45 mL of inoculum in a circle near the center of the pot.

2.6. Germination and Growth of Plants

Seeds were germinated in starter trays with an equal mixture of field soil and Sunshine Mix #4
(Sun Gro) peat/perlite mix (autoclaved at 121 ◦C, 1.5 hours) before transplantation into 3-liter pots
on 27 April 2018. Due to the lower germination of native plants, pots were re-seeded following
transplantation so that the number of plants in each pot was equal to four. Pots were watered by
hand with no additional supplements and allowed to dry before subsequent watering. During the
summer months, pots were watered more frequency to prevent drought and heat stress. Cultivar study
plants were grown in the greenhouse until 30 July 2018, while native study plants were grown for an
additional month until 3 September 2018 due to the perennial nature of the native plants. At harvest,
soil was removed from roots followed by a thorough rinsing to remove as much soil as possible. Plants
were bagged and taken to University of British Columbia (UBC) Okanagan where they were dried
and weighed.
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Vitis vinifera (Chardonnay) cuttings were collected from SuRDC on 15 February 2018 (49◦33’56.2” N
119◦37’46.7” W) and placed in a cold storage room at 2 ◦C until propagation. Cuttings were taken out
of cold storage in June 2018 and cut into smaller pieces containing two nodes (30 cm) with a pruning
tool. Canes with visible signs of mold on the surface were discarded and the remaining canes were
put in a plastic container filled to a 3-cm depth of water then placed in the experimental greenhouse
until the appearance of roots. Chardonnay cuttings were transplanted on 31 July 2018 (cultivar study)
and 1 August 2018 (native study). Cultivar study vines were grown for approximately four and a half
months while native study vines were grown for seven months to maximize exposure to pathogens.
During the first week any vines that died were removed.

Initially, grapevines were given 150 mL of Miracle Gro© (20-20-20) fertilizer on a weekly basis
according to manufacturer’s instructions. Nutrients were reduced to (15-15-18) after six weeks followed
by dilutions to induce stressful conditions (Table A2). Cultivar study grapevines were harvested on
12 December 2018. At harvest, soil was removed from roots, followed by a thorough rinsing with
reverse osmosis water. Samples were placed into paper bags and held at 4 ◦C until January 2019.
Cuttings grown in soil conditioned by native cover crop treatments were left without fertilizer from
7 December 2018 to 6 January 2019 to further induce nutrient stress. On 8 January 2019, leaves were
removed from each vine to further stress the plants and increase susceptibility to pathogens. Grapevine
cuttings were removed from the greenhouse on February 12 and put into cold storage for two weeks
until they were destructively harvested on 4 March 2019.

2.7. Incidence of Disease

To determine the extent of necrotic tissue in Chardonnay cuttings, a cross section was cut 1 cm
from the basal end of the cane and placed on a scanner (Epson Expression 1680). Images were
created with Adobe Photoshop© CS2 and analyzed with WinRhizo Pro (©2013) by defining color
classes representing necrotic and healthy tissue. Percent necrosis was determined by dividing the
area of necrotic tissue by the total analyzed area. For native treatments an additional measurement
was performed. After imagery analysis, the progression of necrosis from the basal end to the top
was determined by cutting the cane into 1-cm sections and looking for signs of necrotic tissue
under a dissecting microscope (VWR Bioimager BRC-1600). Disease progression was rounded to the
nearest centimeter.

2.8. Molecular Data

To determine the effects of cover crop diversity and provenance on the abundance of I. liriodendri,
we assayed the abundance of DNA extracted from soil. Soil samples were also used to measure fungal
community composition and species richness. Soil samples were taken from each nursery pot after
inoculation with I. liriodendri before seeding with cover crops (starting soil), and again before removal
of cover crops (conditioned soil). Root samples were collected after four and five months of growth
for the cultivar study and native study experiments, respectively. We used a digital droplet (dd) PCR
assay to observe changes in the abundance of I. liriodendri and Illumina sequencing of the internal
transcribed spacer (ITS) 2 region to uncover fungal community composition.

2.9. DNA Extraction

On 26 April 2018, three rhizosphere core samples (1 cm diameter) totaling approximately 20 g
were collected from the center of each pot at a depth of five centimeters. On 30 July 2018, another set of
soil samples from cultivar treatments was collected before commercial cover crops were removed using
the same method described above. Soil samples from native cover crop treatments were collected on
5 September 2018 before removal of cover crops. Soil cores were homogenized and kept at −20 ◦C at
UBC Okanagan laboratories until DNA extraction.

Soil was dried at 60 ◦C for 24 hours to remove water from soil, allowing a higher DNA concentration
during the final elution step [66,67]. Half a gram from each sample was used for DNA isolation. DNA
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was extracted using the FastDNA Spin Kit for Soil (MPBio©2018, Irvine, CA, USA) according to the
manufacturer’s instructions. This resulted in approximately 90 μL of eluded DNA per sample, with an
average concentration of 30 ng/μL (nanodrop 1000c©2009, Thermo Fisher Scientific, Wilmington, NC,
USA). DNA was stored at −80 ◦C until PCR and Illumina sequencing.

After surface sterilizing, 1 gram of root subsamples was placed in a 15-mL falcon tube and frozen
at −20 ◦C until DNA extraction. Roots were then broken down in a mortar and ground up with liquid
nitrogen until very small root fragments remained. Half a gram of ground-up roots was put into lysing
tubes and the rest was put back into their original falcon tubes and frozen at −20 ◦C. DNA extractions
performed using the FastDNA Spin Kit for Soil (MPBio©2018) with a few modifications. Lysing was
performed at an intensity of 6.5 m/s instead of the standard 6.0 m/s, and initial centrifugation was
extended to 10 min to promote complete separation of root tissues and nucleic acids.

2.10. Droplet Digital Assay

In order to detect the Ilyonectria isolates used in the inoculum, a specific
primer/probe assay that targets the beta-tubulin region was designed [68]. The
primer, forward 5′-CGAGGGACATACTTGTTTCCAGAG-3′ (Tm 61, GC 60%),
reverse 5′-TCAACGAGGTACGCGAAATC-3′-R (Tm 62, GC 50%), and probe
TGTCAAACTCACACCACGTAGGCC amplify beta-tubulin, a highly conserved region and
single-copy gene, making it ideal for the quantification or spores and/or septate hyphae in soil
and roots.

Reactions consisted of 10 μL Supermix (Supermix for probes no dUTP by Bio-Rad Inc., Hercules,
CA, USA), 7 μL DNAse free water, 1 μL primer/probe, and 2 μL DNA, for a total volume of 20 μL.
Droplets were created using the Bio-Rad QX100 Droplet Generator using the total reaction volume
per sample and 70 μL of Bio-Rad Droplet Generator Oil for Probes. PCR runs were completed in the
C1000 Thermal Cycler (Bio-Rad) with the following conditions: initial heating at 95 ◦C for 10 min,
94 ◦C for 1 min, and annealing at 59 ◦C for 2 min × 44 cycles. Fluorescence was measured using
the QX 100 Droplet Reader (Bio-Rad) and Quantalife software (version 1.7.4. Bio-Rad) by selecting
FAM-HEX as the fluorescence setting. The threshold was set manually at 3000 using a pure positive
and environmental positive controls as a reference. For analysis, the copy number of each sample was
back calculated to represent the number of copies per gram of soil and root using a formula described
in Kokkoris et al. (2019) [69].

2.11. Illumina Sequencing and Bioinformatics

Illumina sequencing was completed at the Centre for Comparative Genomics and Evolutionary
Bioinformatics (Dalhousie University, Halifax Nova Scotia). Amplicon sequencing of the ITS2
sub-region was performed for each treatment (n = 5 for cover crops, n = 10 for starting soil) using
primers ITS86F 5′-GTGAATCATCGAATCTTTGAA-3′ and ITS4R 5′-TCCTCCGCTTATTGATATGC-3′.
Samples were demultiplexed, and barcodes were removed and returned as individual per-sample
fastq files from the sequencing facility.

Initial quality control and amplicon filtering was performed using the Divisive Amplicon Denoising
Algorithm (DADA2 package 1.12.1) in R statistical software (R version 3.6.1, 2019) by following the
DADA2 ITS Pipeline Workflow 1.9 [70]. Primers, their reverse orientation, and complements were
removed from reads using cutadapt (version 2.3). Sequence reads were filtered and trimmed using
filterAndTrim (DADA2) by setting standard parameters (maxN = 0, truncQ = 2, rm.phix = TRUE, and
maxEE = 2). Forward and reverse reads were dereplicated using derepFastq before applying the DADA
algorithm [70]. Denoising was done by pooling samples (pool = TRUE). Sharing information across
samples makes it easier for singletons appearing multiple times across samples to be resolved. Paired
reads were merged and an amplicon sequence variant (ASV) table was created. Finally, chimeras were
removed using removeBimeraDenovo (method = “consensus”) resulting in high-quality, filtered reads.
The number of reads retained at each DADA2 step is shown in Table A3.
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Beta diversity analyses were performed in QIIME2 (version 2019.10, https://qiime2.org) [71] and
completed separately for native and cultivar studies. First, a phylogenetic tree was constructed using
the q2-phylogeny plugin for QIIME2. To assign taxonomy, a reference classifier from UNITE (version
8.0) was used [72] and applied to the representative sequences from DADA2 (see above).

Native study samples were analyzed using the q2 diversity core-metrics-phylogenetic plugin.
First, the ASV table containing all samples was filtered to contain only native samples. A sampling
depth of 3316 was chosen based on sample B3-3 (silky lupine) because it excluded only three samples
while maximizing the sampling depth. Weighted UniFrac dissimilarity [73] was used to create a
distance matrix and beta diversity results were viewed via Principal Coordinates Analysis (PCoA).

Due to non-normal distribution of features and appearance of horseshoe distributions with
Weighted UniFrac distance, beta diversity for cultivar study samples was performed using the
DEICODE plugin (version 0.1.5) for QIIME2 [74], which creates a Robust Aitchison principal component
analysis (PCA) distance matrix that handles sparse and/or non-normal datasets. A new ASV table with
only cultivar samples was created. A sampling depth of 3146 was chosen, as it compromised sample
exclusion and maximal sampling depth for beta diversity (see nonchim, Table A3). As with the native
study, beta diversity results were viewed via PCoA.

2.12. Statistical Analyses

Data for root necrosis were transformed by taking the square root of (k-x), where k is the maximum
value for percent necrotic tissue plus 1 and x is percent necrotic tissue for each sample. Disease
progression of native study grapevines was normalized by taking the natural logarithm of 1+x, where
x is the vertical progression of the disease, measured in centimeters.

For native study treatments, copy number per gram of root was square-root transformed to satisfy
normality. After transformation, two outliers were removed from the copy number values before
modelling and subsequent statistical analyses using Tukey’s interquartile range (IQR). According to
this method, values that are more or less than 1.5 times the IQR are removed. In the cultivar study,
the copy number from root samples was cube-root transformed to meet normality assumptions. All
statistical analyses were performed by fitting a linear mixed-effects model in R (R version 3.6.1, 2019,
open source, http://www.r-project.org/) using the lme4 package (1.1.21). Normality was assessed using
a Shapiro–Wilk normality test (stats package 3.6.1), and variance homoscedasticity was tested using
Levene’s test (car package 3.0.6). For each analysis, treatment was tested as a fixed factor and block as
a random factor. Post hoc comparisons were completed using Tukey’s honest significant difference
test [75] within the emmeans package (1.4.1).

Alpha diversity of native and cultivar study samples was compared in QIIME2 with
q2 diversity alpha-group-significance using Shannon evenness vectors from the q2 diversity
core-metrics-phylogenetic. Overall and pairwise interactions were determined with the Kruskal–Wallis
test by ranks [76] at a significance of 0.05. Beta diversity of native samples was determined via
PERMANOVA in the q2 diversity beta-group-significance plugin using the Weighted UniFrac distance
matrix created from the q2 diversity core-metrics-phylogenetic plugin, as it incorporates sequence
abundance and phylogeny in community composition and distance between samples. Distances
for native cover crop treatments were visualized using principal coordinate analysis (PCoA) with
the q2-emperor plugin. For cultivar study samples, Robust Aitchison distance matrices were used
from the DEICODE plugin to determine beta diversity (version 0.2.3). All PERMANOVA tests used
999 permutations and pseudo-F as the test statistic. Dispersion of native and cultivar study samples was
determined with q2 diversity beta-group-significance by setting –p-method to permdisp. Dispersion
tests were executed with 999 permutations and the F-value as the test statistic.
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3. Results

3.1. Cover Crop Growth

Yarrow, bluebunch wheatgrass, and rockcress germinated after two to three weeks (Table A4).
Silky lupine experienced lower germination rates likely due to lack of appropriate rhizobia and/or high
temperatures. When grown separately, above- and below-ground biomass of bluebunch wheatgrass
and white yarrow were similar to each other and significantly higher than silky lupine and rockcress.
When all cover crops were grown together, above- and below-ground biomass was not different than
bluebunch wheatgrass or yarrow. Cultivar monocultures varied in biomass. When grown separately,
wheat yielded the highest root biomass, followed by buckwheat and clover. Crimson clover yielded the
most biomass above ground followed by buckwheat then wheat. The lowest biomass measurements
were observed for white mustard, in which below- and above-ground were significantly different from
all other cover crop treatments. When cultivar crops were grown together, below-ground biomass was
greater than all but wheat monocultures and the highest above-ground biomass.

3.2. Effect of Cover Crops on Incidence of Disease in Vines

Contrary to our hypothesis, grapevines grown in native study monocultures did not have higher
rates of necrosis when compared to all plants growing together (Figure A1). Necrotic progression
(evidence of necrosis from the basal to distal end) was near significant among monocultures (p = 0.057),
with rockcress yielding the lowest average necrotic progression (Figure A2). Contrary to predictions,
white mustard yielded the lowest percent necrotic tissue and was significantly different than fallow
and crimson clover treatments in the cultivar study (p = 0.035), as seen in Figure 1. The lower necrotic
damage found in grapevines growing in white mustard soil increased slightly when white mustard
was grown with other cover crops.

ab 

b 

ab a a ab 

Figure 1. Percent necrotic tissue of grapevines growing in soil conditioned by cultivar cover crops.
Treatments include a mixture of all plants (“all cultivar”), buckwheat (“buckwheat”), crimson clover
(“clover”), uninoculated fallow (“fallow”), white mustard (“mustard”), and wheatgrass (“wheat”).
Boxplots show the first and third quartile, median (middle line), range (whiskers), and circles (outliers).
Letters represent statistical significance at p < 0.05. This section may be divided by subheadings and
should provide a concise and precise depiction of the experimental results, their interpretation, and the
experimental conclusions that can be drawn.
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3.3. Recovery of Ilyonectria from Soil

In the native study, I. liriodendri was recovered from all treatments; however, its abundance varied
highly between samples. Contrary to predictions, there was no significant variation between individual
cover crops and when plants were grown together (Figure A3). Abundance of I. liriodendri was lowest
in white yarrow soil while bluebunch wheatgrass yielded the highest abundance (Figure A3). In
the cultivar study, abundance of Ilyonectria did not vary significantly between cover crop treatments
(Figure 2) except for fallow, which was expected (p < 0.001). White mustard yielded an average
of 1326 copies of I. liriodendri target DNA per gram of soil, the highest average copy number of all
treatments, which was inconsistent with percent necrotic tissue.
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Figure 2. Recovery of I. liriodendri DNA from soil conditioned by cultivar cover crops. Treatments are a
mixture of all plants (“all cultivar”), buckwheat (“buckwheat”), crimson clover (“clover”), uninoculated
fallow (“fallow”), white mustard (“mustard”), and wheatgrass (“wheat”). Letters above boxplots
represent statistical significance at p < 0.05.

3.4. Recovery of Ilyonectria from Roots

Contrary to predictions, I. liriodendri abundance did not change significantly in the native study
(Figure A4). Ilyonectria abundance from grapevine roots was extremely variable in monocultures, with
silky lupine displaying the most variability. Roots from rockcress and bluebunch wheatgrass showed
the highest abundance of I. liriodendri, followed by white yarrow and all native (Figure A4).

Contrary to our hypothesis, abundance of I. liriodendri did not decrease when cultivar plants
were grown together (Figure 3). Abundance of I. liriodendri was lowest in white mustard roots,
which was consistent with the lower necrotic damage observed in grapevine cross sections from the
same treatment. Abundance of I. liriodendri in white mustard was significantly lower compared to
wheatgrass (p = 0.041) (Figure 3). Consistent with the digital PCR results from soil samples, roots from
uninoculated fallow treatment had either zero or very small copy numbers of target DNA.
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Figure 3. Abundance of I. liriodendri DNA from the cultivar study Chardonnay roots. The cube root
of copy number was taken to normalize data. Treatments are a mixture of all plants (“all cultivar”),
buckwheat (“buckwheat”), crimson clover (“clover”), uninoculated fallow (“fallow”), white mustard
(“mustard”), and wheatgrass (“wheat”). Letters above boxplots represent significant differences at
p < 0.05.

3.5. Sequence Results

A total of 2089 amplicon sequence variants (unique DNA sequences) with a combined frequency
of 875,526 were present from the 111 soil samples after initial denoising and filtering. The minimum
feature count per sample was 769 (bluebunch wheatgrass), while the maximum was 17,904 (soil before
cover crop conditioning). The highest feature occurrence was 170,112 across all 111 samples while eight
features occurred only once (0.004% of all features). A total of six phyla (one unidentified), 19 classes,
40 orders, 68 families, and 76 genera were recovered from all soil samples (Figures A5 and A6).
Ascomycota yielded the highest relative frequency, followed by Basidiomycota, Mortierellomycota, and
Chytridiomycota, which were present in all 111 samples. Glomeromycota was present in 78 samples,
followed by an unidentified phylum that was observed in 94 samples.

3.6. Effect of Cover Crops on Fungal Diversity

3.6.1. Alpha Diversity

As predicted, alpha diversity of rhizosphere fungi increased with cover crop diversity in the
native study. Silky lupine yielded the lowest fungal diversity followed by bluebunch wheatgrass.
Fungal diversity was highest when all plants were grown together (Figure 4). Contrary to predictions,
fungal diversity did not change with cultivar cover crops. Fungal communities were less diverse
under crimson clover while buckwheat and wheatgrass were similar to the all species treatment. As
expected, fallow soil contained the lowest diversity measurement, although no significant differences
were detected between treatments (Figure A6).
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Figure 4. Shannon diversity of fungi in native study soils. Treatments are bluebunch wheatgrass
(“bluebunch”), silky lupine (“lupine”), Holboell’s rockcress (“rockcress”), and white yarrow (“yarrow”).
Overall group significance was observed in monocultures (p = 0.047). Letters over treatments indicate
pairwise differences at a significance level of 0.05.

3.6.2. Beta Diversity in Native and Cultivar Studies

Contrary to predictions, fungal community composition was similar among most native
monocultures and when all plants were grown together (p = 0.051). However, community composition
under bluebunch wheatgrass was distinct from white yarrow (p = 0.036) (Figure 5). Likewise, fungal
community composition under silky lupine was different from white yarrow (p = 0.056). Dispersion of
fungal communities (clustering) was similar under native monocultures (p = 0.881).
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P = 0.051 

Figure 5. Principal coordinates analysis of fungal communities from native study cover crops
visualized by Weighted UniFrac distance. Treatments are all species together (“All native”), bluebunch
wheatgrass (“Bluebunch”), Silky lupine (“Lupine”), Holboell’s rockcress (“Rockcress”), and white
yarrow (“Yarrow”). Fungal communities show no significant clustering overall (p = 0.051); however,
bluebunch wheatgrass (squares) and white yarrow (stars) reveal differences in beta diversity (p = 0.036,
q = 0.280).

In the cultivar study, cover crop diversity changed community composition only in some treatments
(Figure 6). All cultivar communities were distinct from fallow (p = 0.005) and wheatgrass (p = 0.017)
but not others. Overall dispersion of fungal communities from monocultures was similar (p = 0.183).

P = 0.001 

Figure 6. Principal coordinates analysis of fungal communities from cultivar cover crops visualized
by Robust Aitchison distance. Treatments are all plants grown together (“All cultivar”), buckwheat
(“buckwheat”), crimson clover (“Clover”), uninoculated fallow (“Fallow”), white mustard (“Mustard”),
and wheatgrass (“Wheat”)m with the following significant pairwise interactions: All cultivar and
Fallow (p = 0.005, q = 0.045), All cultivar and wheatgrass (p = 0.017, q = 0.084), Clover and Fallow
(p = 0.006, q = 0.045), clover and mustard (p = 0.025, q = 0.084), clover and wheatgrass (p = 0.037,
q = 0.092).
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4. Discussion

4.1. Effect of Cover Crop Diversity on Root Necrosis

Contrary to our hypothesis, cover crop diversity was not associated with necrotic root symptoms
in self-rooted Chardonnay grapevines. This was true in both the native and cultivar study. One
possible explanation is that the biotic properties of the soil did not change enough due to the short
soil conditioning phase by cover crops. In these studies, cover crops were grown for three to four
months, which translates to approximately half a growing season in the Okanagan Valley [77]. Since
plant–soil feedback is not instantaneous [78], perhaps more time was needed to develop beneficial
and/or antagonistic microbial communities, leading to a delay in their suppressive effects. Eisenhauer
et al. (2012) [79] found that benefits from soil biota were more pronounced in long term grassland
studies (four years) due to successional changes in soil microbial communities. Vogel et al. (2019) [80]
further elucidated the effect of time on plant–soil feedback by showing that microbial biomass was
greater in soil with a 14-year conditioning period by a specific plant community compared to new soil
conditioned by the same plant community for only one year.

Another explanation could be the lack of cover crop incorporation into the soil, resulting in very
little competition from other saprophytic fungi. Decomposers represent a significant group among
soil microbial life and contribute to multiple ecosystem services [81]. In this experiment, we did not
incorporate any litter at harvest. Instead, all cover crop material was removed including roots, which
would have limited decomposer communities [82]. Most importantly, litter can contain symbiotic
plant endophytes including Trichoderma, which are present during active plant growth and are also
known to decompose litter [83,84]. The presence of Trichoderma could reduce GTD pathogens if they
were surviving as saprophytes in plant litter, although further research is needed to determine whether
stimulations of decomposer communities can reduce GTD pathogens.

In this study, the basal end of each cane was not covered with wax or another barrier, leaving a
large area of vascular tissue exposed to pathogens. Such a large amount of exposed tissue in the soil
would have facilitated infection even in the presence of antifungal exudates or antagonistic microbes,
as below-ground wounds can serve as entry points in grapevines [85]. This is especially the case
in pathogen transfer above ground in which pruning wounds left uncovered act as entry points for
airborne spores [5,86].

White mustard, when grown as a monoculture, was the only cover crop that reduced necrotic
tissue damage in grapevine roots. This plant matures quickly, is a high-biomass crop [87], and is known
for its production of sulfur-containing glucosinolates including glucoerucin and glucoiberverin [88].
White mustard products have previously been associated with the suppression of grapevine and tree
fruit pathogens [89–91]. The antifungal chemicals produced by white mustard are known to inhibit
spore germination [92] and mycelial growth [93], which may have resulted in the lower incidence of
necrosis observed. These results align with previous biofumigant studies that implement brassicaceous
cover crops and their products [31,89,94,95].

In contrast, when white mustard was grown with other cover crops, necrotic damage was not
reduced. Since each pot was standardized to four plants, only two white mustard plants grew in the
soil, which would have reduced glucosinolate production. This likely reduced the concentration of
antifungal compounds in the soil, allowing pathogens to proliferate more easily.

In the native study, Holboell’s rockcress (a brassicaceous plant) was not associated with lower
percentages of necrotic tissue. While the suppressive potential of Holboell’s rockcress has not been
studied in an agricultural setting, the plant matures slower due to its perennial nature, and has many
natural predators including fungi [96]. Although rockcress did not show any signs of suppression
in this short-term study, its persistence over multiple growing seasons and/or its degradation after
maturity may contribute to the mitigation of soil-borne pathogens in vineyards.
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4.2. Effect of Cover Crop Diversity on Abundance of Ilyonectria

In both studies, cover crops did not correlate with the abundance of I. liriodendri in the soil when
grown by themselves or when grown together. This could partially be due to the absence of roots in
the first centimeters of soil, where samples were taken. Overtime, the initial concentration of 1 × 106

conidia per milliliter would have diffused as pots were watered, causing spores to travel to deeper
depths in the pot. Since the majority of root biomass was found below five centimeters, any effect of
root exudation would have been more noticeable at lower soil depths but limited on the surface.

Consistent with percent necrotic tissue, abundance of I. liriodendri was lower in the white mustard
monocultures. At the time of harvest, white mustard cover crops had gone to seed and had started to
senesce, a period in which the metabolism of glucosinolates into antifungal isothiocyanates occurs. The
breakdown and release of isothiocyanates from white mustard perhaps inhibited spore germination,
reducing available inoculum during the grapevine growth stage. Antifungal compounds from
brassicaceous crops can stay active for a period of 25–30 days [93,97] before they start to break down.
Suppressive effects of white mustard may have been more pronounced had the plant been left to
decompose in the soil [93,95,98].

In this study, Ilyonectria abundance in white mustard treatments was significantly lower than
wheatgrass. Wheat is used in vineyards to manage soil erosion, prevent frost damage, and build
organic matter [99]; however, wheat and other plants growing in a vineyard may act as off-target
hosts, as has been observed in South African nurseries [48] and in Spanish vineyards [100]. In these
studies, we did not examine cover crop roots for pathogens; however, it is possible that some acted
as off-target hosts [48,100]. If cover crops can be colonized by I. liriodendri and/or other pathogens,
this could maintain the spore bank and allow them to persist in soils, increasing the risk of infection.
Creating a suppressive environment may require more than cover crop implementation. Changes to
nutrient and watering regimes, pruning time [101], or inoculation with beneficial microbes and nearby
soil may also reduce pathogens [102,103]. Indeed, there is a diverse array of fungal pathogens that
infect grapevine tissues at various growth stages, which means further research is required to elucidate
whether particular combinations of cover crops and pathogenic fungi can be problematic in vineyards
and nurseries.

4.3. Effect of Cover Crop Diversity on Fungal Diversity

Alpha diversity of rhizosphere fungi increased with cover crop diversity in the native study
but not cultivar study. The fact that microbial diversity changed under native but not cultivar cover
crops perhaps implies that native plants are more dependent on resident fungi, and specifically
mycorrhizal fungi, compared to plants introduced [104,105] through coevolutionary mechanisms [106].
Alternatively, carbon inputs and exudation of cultivar crops could have promoted specific fungi though
positive plant–soil feedback, limiting diversity [107,108]. Since mycorrhizal fungi and resident bacteria
can heavily influence functional traits—including nitrogen content, stress tolerance, morphology, leaf
longevity, and pathogen resistance [109]—the presence of native plants may have stimulated these
communities more than the cultivar varieties in order to maximize their fitness. Indeed, Klironomos
(2003) [110] found that the frequency of positive responses from foreign plants was reduced when
paired with resident AM fungi compared to the more-even distribution of responses observed when
resident AM fungi and plants were paired. Alternatively, fungal diversity in the cultivar study may
have been limited because the introduced plants increased the abundance of specific fungi. This has
been observed in invasion studies in which the invasive plant experiences positive plant–soil feedback
that allows it to outcompete native plants [107,108].

It is also possible that fungal diversity changed more under native cover crops due to a longer
conditioning phase. Soil was conditioned by cultivar plants for three months whereas native plants
were given four, allowing an additional month for fungi to respond to exudation, rhizodeposition [111],
and root turnover [112]. In addition, root exudates and carbon deposits change as plants develop,
which affects microbial communities [113]. The fact that cultivar plants matured quickly in our study
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perhaps led to microbial turnover whilst inputs from native plants were more consistent, allowing
communities to develop overtime.

Since soil fungi are saprophytic, diversity may have increased if cover crops were left to
decompose [60]. This likely would have result in compositional differences in fungal communities, as
decomposers are strongly affected by plant litter type [114]. However, despite the increase in fungal
diversity in cover crop mixtures and when all plants were grown together, fungal diversity was not
associated with incidence of root necrosis or abundance of I. liriodendri in soil or roots.

Regarding pairwise interactions between treatments, alpha diversity was significantly higher
under rockcress compared to bluebunch wheatgrass. Brassicaceous crops can inhibit fungal activity
due to hydrolysis products of the glucosinolates they produce [115]; however, this is often limited to
fungal pathogens [97], and is not widely observed in symbiotic fungi [116,117]. The fact that fungal
diversity under rockcress was comparable to that of white yarrow and all plants combined suggests
that rockcress did not inhibit fungi as much as other brassicaceous crops. However, alpha diversity
under white mustard was also similar to other cover crops, meaning factors other than glucosinolate
content contributed to alpha diversity.

4.4. Effect of Cover Crops on Community Composition

In the native study, fungal communities were dissimilar only for bluebunch wheatgrass and
yarrow. Historically, white yarrow has been used as a traditional medicine in many cultures because
of the phenolic compounds it produces [118] and because its extracts are known to suppress the
in vitro growth of pathogenic bacteria and fungi [119]. On the contrary, bluebunch wheatgrass is not as
widespread as yarrow [120], and its competitiveness is more dependent on rhizosphere microbes [121].
Given the different life history strategies employed by these plants, it is not surprising that their soil
microbial communities differ.

In the cultivar study, some cover crops appeared to be more influential than others. For example,
fungal communities in clover soil were distinct from those in white mustard, wheatgrass, buckwheat,
and fallow soil, but not when all plants were grown together. Crimson clover produced highly
branched root systems with the most above-ground biomasses out of all cover crops. Legumes are
known for their mycorrhizal attributes [122], and have previously been associated with increases in
fungal diversity [123], abundance of AM fungi [124], and saprophytic fungi [125]. White mustard, on
the other hand, typically reduces the abundance of soil fungi relative to controls [126], although in this
experiment the community composition under mustard was similar to fallow, buckwheat, wheat, and
all plants grown together. At the same time, this treatment was associated with a lower incidence of
root necrosis, which suggests it reduced the overall abundance of fungi associated with disease [93,97].

5. Conclusions

After a short conditioning period, we found that cover crop diversity was not associated with
incidence of disease in grapevine roots. Incidence of disease was instead associated with white mustard,
a common brassica cover crop. Although this apparent biofumigant effect was not observed in Holboell’s
rockcress (the native brassica), the results from the cultivar study align with the biofumigant literature
of white mustard and other brassicaceous crops. Consistent with necrotic tissue damage, we found
that white mustard was associated with a lower abundance of I. liriodendri in the roots of Chardonnay
cuttings. However, this effect was reduced when white mustard was paired with other cover crops,
and was not observed in any other monoculture.

Cover crop diversity increased fungal diversity, but only in the native study. Fungal diversity was
higher in cultivar cover crops compared to fallow soil; however, there was no additive effect when all
cover crops were grown together. Although not observed in this study, cover crop diversity could play
a major role in the long term, especially if more diverse plant communities support diverse microbes
with suppressive properties.
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In summary, cover crop identity was more important than diversity for controlling fungal
pathogens in grapevines. Results from the cultivar study align with other literature, which highlights
the suppressive effect of brassicas. We found that when grown from seed, a brassica cover crop could
offer traditional benefits such as erosion control or weed suppression as well as partially suppressing
soil-borne fungi.

These results provide evidence that disease symptoms and pathogen abundance can be reduced by
growing a cover crop that produces antifungal compounds. While seeding multiple cover crops confers
a wide range of benefits, certain cover crops may act as vectors for fungal pathogens, thus maintaining
the inoculum load. To further unveil how fungal pathogens persist in vineyard soils, future studies
should focus on whether native or commercial cover crops act as vectors for GTD pathogens.
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Appendix A

 
Figure A1. Percent necrotic tissue of grapevines grown in soil conditioned by native cover crops.
The extent of necrosis is measured from the basal end up. Treatments are all plants grown together
(“all native”), bluebunch wheatgrass (“bluebunch”), silky lupine (“lupine”), Holboell’s rockcress
(“rockcress”), and white yarrow (“yarrow”). Boxplots show the first and third quartile, median (middle
line), range (whiskers), and circles (outliers). Data were normalized by taking the square root of the
reciprocal (100.975 – x) where x is the value for percent necrosis. There was no significant difference
(NS) between cover crop treatments (p = 0.407).
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Figure A2. Progression of necrotic damage in grapevines grown in soil conditioned by native cover
crops. The extent of necrosis is measured from the basal end. Treatments are all plants grown together
(“all native”), bluebunch wheatgrass (“bluebunch”), silky lupine (“lupine”), Holboell’s rockcress
(“rockcress”), and white yarrow (“yarrow”). Boxplots show the first and third quartile, median (middle
line), range (whiskers), and circles (outliers). Data were normalized by taking the natural logarithm
plus 1 (log1p) of necrotic progression values. There was no significant difference (NS) between cover
crop treatments.

 
Figure A3. Recovery of I. liriodendri DNA from soil after conditioning with native cover crops.
Treatments are all plants grown together (“all native”), bluebunch wheatgrass (“bluebunch”), silky
lupine (“lupine”), Holboell’s rockcress (“rockcress”), and white yarrow (“yarrow”). Copy number did
not differ significantly (NS) among treatments (p = 0.731).
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NS 

Figure A4. Recovery of I. liriodendri DNA from native study Chardonnay roots. Treatments are all
plants grown together (“all native”), bluebunch wheatgrass (“bluebunch”), silky lupine (“lupine”),
Holboell’s rockcress (“rockcress”), and white yarrow (“yarrow”). Data were normalized by taking the
square root of the copy number then removing outliers using Tukey’s interquartile range (IQR). Copy
number did not differ significantly (NS) between cover crop treatments (p = 0.109).
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A 

Figure A5. Cont.
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B 

Figure A5. Relative abundance of phyla across native study samples (A) and cultivar study samples
(B) after initial denoising and filtering. Samples are shown with block number followed by treatment
number. Numbers 1–4 are white yarrow, Holboell’s rockcress, silky lupine, and bluebunch wheatgrass,
respectively while 11 is all native. Numbers 12–15 are white mustard, buckwheat, wheatgrass, and
crimson clover, respectively, while 22 and 23 are all cultivar and fallow, respectively. Phyla are
Ascomycota (brown), Basidiomycota (pink), Mortierellomycota (yellow), Chytridiomycota (orange),
Glomeromycota (purple), and unidentified (blue and green).
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NS 

Figure A6. Shannon diversity of fungi in cultivar study soil. Treatments are all plants (“all cultivar”),
buckwheat (“buckwheat”), crimson clover (“clover”), uninoculated fallow (“fallow”), white mustard
(“mustard”), and wheatgrass (“wheat”). Fungal diversity did not vary significantly (NS) between
treatments (p = 0.531).

Table A1. Site information and soil physiochemical properties adopted from Watson et al. (2018) [65].

Site Properties Response

Fruit tree Sweet cherry
Soil texture Loamy sand

pH 6.9
Organic matter (%) 2.3

C/N ratio 8.5
Phosphorous (ppm) 66

Potassium (ppm) 360
Magnesium (ppm) 170

Calcium (ppm) 1330
Sodium (ppm) 25

Aluminum (ppm) 13
Sulfur (ppm) 9
Nitrate (ppm) 23
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Table A2. Fertilizer application for Vitis vinifera cuttings in native and cultivar studies. Miracle-Gro
fertilizer was used to prepare solutions of varying concentrations. Enough fertilizer was applied to
cover the soil and soak through.

Date Fertilizer Type Amount Applied Dilution

October 11 2018 15-15-18 150 mL 50%
October 25 2018 15-15-18 150 mL No

November 1 2018 15-15-18 150 mL 50%
November 22 2018 15-15-18 150 mL 33%
November 29 2018 15-15-18 150 mL 40%
December 7 2018 15-15-18 150 mL 40%

Table A3. Number of reads retained at each step in the DADA2 pipeline. Samples are shown with
the block number first followed by the treatment number separated by a hyphen. Numbers 1–4 are
white yarrow, Holboell’s rockcress, silky lupine, and bluebunch wheatgrass, respectively, while 11 is all
native. Numbers 12–15 are white mustard, buckwheat, wheatgrass, and crimson clover, respectively,
while 22 and 23 are all cultivar and fallow, respectively. From left to right are the initial read counts
(input), reads after filtering (filtered), forward reads after denoising (denoisedF), reverse reads after
denoising (denoisedR), number of reads after merging (merged), and number of reads after chimera
removal (nonchim). Denoising and filtering were completed with R statistical software.

Sample Input filtered DenoisedF DenoisedR Merged Nonchim

B1-1 12,251 6665 6644 6644 6184 6176
B1-10 14,589 8155 8133 8127 7909 7907
B1-14 14,193 8257 8222 8183 7307 7290
B1-15 16,920 9042 9020 9013 8424 8409
B1-16 16,354 8844 8808 8789 8057 8053
B1-20 21,936 9842 9807 9799 9040 9028
B1-3 9439 4599 4589 4590 4276 4268
B1-4 13,175 6559 6524 6520 6091 6086
B1-6 10,873 6568 6514 6530 5964 5962
B1-7 10,950 6140 6113 6094 5469 5451

B10-14 6011 3446 3429 3431 3150 3146
B10-16 13,831 7968 7941 7918 7248 7233
B10-17 10,982 4927 4898 4896 4548 4506
B10-18 10,059 5622 5605 5607 5053 5029
B10-19 12,876 7437 7419 7397 6604 6579
B10-22 21,342 11,584 11,551 11,564 10,118 10,041
B10-6 29,911 15,434 15,381 15,404 14,299 14,200
B10-7 8427 4811 4787 4784 4364 4352
B10-9 13,366 6560 6530 6534 5964 5957

B10-fal 24,131 12,374 12,348 12,349 11,735 11,671
B2-1 12,412 6563 6522 6512 6117 6079

B2-10 19,272 11,002 10,973 10,965 10,166 10,161
B2-11 8626 4766 4754 4751 4461 4400
B2-12 17,980 9804 9768 9770 8801 8729
B2-13 10,050 5568 5552 5539 5178 5158
B2-17 18,591 10,111 10,080 10,067 8978 8935
B2-18 6488 3754 3734 3735 3644 3640
B2-21 20,710 10,897 10,864 10,863 10,170 10,086
B2-22 20,429 10,227 10,190 10,178 9386 9305
B2-5 12,175 7021 6998 6981 6355 6338
B2-9 15,943 8738 8696 8686 8171 8105
B3-1 14,605 8041 8015 8012 7281 7259

B3-13 8386 4782 4765 4758 4303 4296
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Table A3. Cont.

Sample Input filtered DenoisedF DenoisedR Merged Nonchim

B3-14 17,549 7704 7666 7648 7118 7107
B3-15 13,922 5942 5919 5924 5398 5398
B3-17 7866 4491 4473 4469 4090 4069
B3-2 22,018 11,332 11,274 11,270 10,318 10,247

B3-20 19,794 10,473 10,436 10,427 9681 9618
B3-21 24,717 12,958 12,908 12,923 12,068 11,915
B3-22 19,204 10,218 10,182 10,191 9640 9581
B3-3 6693 3643 3631 3622 3322 3316
B3-7 20,743 10,079 10,010 10,007 9315 9237

B3-fal 18,855 10,320 10,296 10,251 9587 9503
B4-11 10,411 6031 6007 5994 5049 5049
B4-12 14,153 7003 6958 6956 6417 6403
B4-15 16,611 8708 8658 8662 7915 7840
B4-16 19,340 10,285 10,240 10,241 9650 9558
B4-18 8515 5131 5124 5122 4708 4697
B4-2 25,973 13,688 13,617 13,625 12,315 12,203

B4-21 23,882 12,563 12,498 12,473 11,638 11,530
B4-5 23,443 12,027 11,955 11,961 11,003 10,927
B4-7 20,209 10,317 10,270 10,265 9600 9531

B5-10 12,457 6726 6689 6707 6415 6378
B5-11 35,399 18,215 18,142 18,138 16,671 16,523
B5-12 24,203 13,410 13,350 13,349 12,385 12,216
B5-13 23,829 12,481 12,429 12,414 11,449 11,327
B5-15 29,538 17,066 17,035 17,022 16,486 16,416
B5-4 23,032 9630 9594 9580 8953 8943
B5-6 7570 3983 3967 3965 3565 3562
B5-9 11,398 4582 4558 4557 4269 4268

B6-11 11,204 6595 6572 6555 6071 6052
B6-12 8155 4512 4484 4491 4028 4021
B6-13 10,779 5783 5755 5744 5194 5178
B6-19 29,866 16,427 16,367 16,360 15,012 14,867
B6-2 17,688 9582 9411 9366 8683 8677

B6-20 8519 4795 4783 4782 4331 4317
B6-21 22,819 12,354 12,305 12,295 11,632 11,567
B6-3 5341 2866 2855 2851 2574 2573
B6-4 6254 847 832 835 771 769
B6-5 5377 2209 2198 2187 2000 1995
B7-1 24,124 12,565 12,508 12,504 11,635 11,547

B7-10 25,220 13,851 13,789 13,798 13,062 12,847
B7-11 9586 5557 5530 5516 5131 5111
B7-15 26,469 14,189 14,156 14,150 13,580 13,489
B7-17 16,917 8897 8856 8842 8204 8161
B7-19 13,208 8050 7998 7990 7187 7167
B7-20 10,609 6169 6151 6140 5595 5589
B7-22 29,654 16,540 16,492 16,503 15,391 15,259
B7-3 19,382 10,255 10,220 10,216 9450 9450
B7-5 11,105 5371 5353 5342 4865 4863
B7-7 12,032 6861 6824 6819 6298 6291

B7-fal 24,746 13,168 13,147 13116 12,135 12,111
B8-12 20,947 10,878 10,833 10,825 9907 9825
B8-13 14,151 7813 7771 7781 7010 7009
B8-18 13,899 6928 6888 6886 6373 6342
B8-2 26,482 14,400 14,337 14,317 13,350 13,228

B8-20 18,913 9475 9447 9451 8770 8695
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Table A3. Cont.

Sample Input filtered DenoisedF DenoisedR Merged Nonchim

B8-21 14,129 7922 7901 7893 7391 7332
B8-22 18,843 9856 9801 9807 9007 8966
B8-5 20,503 10,688 10,648 10,648 10,081 10,023
B8-6 13,991 7014 6976 6985 6394 6378

B8-fal 4603 2518 2478 2466 2362 2358
B9-10 11,953 5229 5209 5202 4679 4670
B9-14 6549 3955 3938 3941 3602 3599
B9-16 11,558 6775 6752 6755 6119 6111
B9-19 11,146 5144 5116 5115 4804 4744
B9-3 10,354 4664 4648 4644 4081 4076
B9-4 13,701 6974 6945 6933 6440 6422
B9-6 9487 4444 4414 4411 4093 4089
B9-9 19,158 10,136 10,094 10,088 9287 9246

B9-fal 7037 4131 4117 4116 3850 3836
PRE-1 9227 5446 5423 5416 4963 4954

PRE-10 41,280 20,182 20,115 20,095 18,033 17,904
PRE-2 10,046 5575 5566 5559 5085 5084
PRE-3 16,164 7724 7665 7679 7081 7074
PRE-4 25,025 11,935 11,915 11,903 11,141 11,055
PRE-5 21,858 11,157 11,125 11,117 10,273 10,187
PRE-6 31,867 17,222 17,163 17,145 15,889 15,758
PRE-7 29,499 14,842 14,816 14,809 13,730 13,649
PRE-8 17,772 9465 9443 9436 8714 8689
PRE-9 22,917 12,095 12,053 12,062 11,220 11,125

Table A4. Average biomass (grams) for each cover crop treatment in native and cultivar studies.
Cover crops are bluebunch wheatgrass (“bluebunch”), silky lupine (“lupine”), Holboell’s rockcress
(“rockcress”), white yarrow (“yarrow”), buckwheat (“buckwheat”), crimson clover (“clover”), white
mustard (“mustard”), and wheatgrass (“wheat”). Letters to the right of values indicate significance at
p ≤ 0.05.

Experiment Cover Crop Treatment Below-Ground Biomass Above-Ground Biomass

Native study

All native 0.885 a 2.715 a

Bluebunch 0.795 a 3.041 a

Lupine 0.319 b 0.730 b

Rockcress 0.138 b 1.380 b

Yarrow 1.056 a 2.822 a

Cultivar study

All cultivar 1.238 a 6.917 a

Buckwheat 0.694 b 4.771 b

Clover 0.527 b 7.483 a

Mustard 0.121 c 1.834 c

Wheat 2.272 d 3.663 d
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